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Biodiversity, the variability of all living organisms, is declining at a rapid rate. To 
effectively target efforts for preventing biodiversity loss, monitoring declining diversity 
is necessary. Surveying efforts include non-invasive sampling, such as the use of 
environmental genetics. Environmental DNA (eDNA) methods have increasingly been 
used in this context. While eDNA techniques have previously been used for observing 
community and single-species biodiversity, our understanding of how to effectively use 
eDNA methods for answering population genetic questions remains limited. This body 
of work explores eDNA techniques for monitoring biological communities and focuses 
on developing eDNA methods for population-level genetic variation.  
 
I start by asking how metazoan community composition varies across a gradient of four 
different water masses along the Munida oceanic transect. Using eDNA metabarcoding 
methods, I found differences in OTUs and genus-level biodiversity between water 
masses. These biological differences were mainly driven by planktonic biodiversity, not 
free-swimming fish. In addition, I found dissimilarities in biological composition 
between eDNA samples taken on the surface and at depth from the westernmost 
oceanic station in sub-Antarctic waters. These findings provide a snapshot of local 
biodiversity, adding to eDNA-observed metazoan biodiversity along the Munida 
transect. 
 
Next, I move from genus-level taxonomy to population-level diversity and test how 
mitochondrial (mtDNA) haplotypic ratios vary with concentration. This experiment 
explores how PCR, sequencing, and bioinformatic pipelines affect population genetic 
eDNA outcomes. I find that the concentration of starting template plays a large role in 
observed haplotypic ratio, with low concentration haplotypic ratios being affected by 
stochastic PCR and sequencing processes. This study reinforces the importance of 




I apply this knowledge to then investigate how comparable eDNA-obtained mtDNA 
haplotypes are to tissue-obtained mtDNA haplotypes in a field setting. Using the taonga 
(cultural keystone) species blackfoot pāua (Haliotis iris) as a model organism, I recover 
common haplotypic variation with eDNA methods, but find that allelic drop-out occurs 
for rare variation. Furthermore, I find that sampling multiple sites may aid the 
bioinformatic detection of rare genetic variation. These findings improve our 
understanding of how eDNA studies may be designed to decrease allelic dropout. This 
study highlights the need for more extensive eDNA-tissue comparative testing. 
 
Finally, I attempted to capture and compare whole mitogenomes from eDNA samples 
of two species with different life histories—pāua (H. iris) and New Zealand fur seals 
(Arctocephalus forsteri). I successfully captured fur seal mitogenomes with > 99% 
coverage from high-concentration samples, however, I was unsuccessful in the capture 
of pāua mitogenome eDNA. Potentially, I did not get enough pāua-specific eDNA in 
our samples to effectively capture mitogenome DNA. For fur seals, I showed that more 
than one individual’s genetic diversity could be captured in a single eDNA sample. 
Furthermore, some eDNA genetic variation matches previously sampled tissue-
obtained mtDNA haplotypes, indicating our eDNA genetic variation likely reflected 
real genetic diversity. With this chapter, I demonstrated that eDNA methods have 
promise for population genetic monitoring, laying some of the groundwork for non-
invasively monitoring the mtDNA diversity of a species with conservation interest. 
 
Overall, this thesis shows eDNA techniques can be used as a broad-scale tool for 
monitoring biodiversity. I show this method can be used to monitor metazoan 
biodiversity across marine gradients and can be used to observe common mtDNA 
haplotypic variation for pāua and fur seals. While many challenges remain, such as 
allelic drop-out, individual organism identification, and bioinformatic and biostatistical 
hurdles, this thesis adds to the growing body of evidence demonstrating that eDNA 
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1.1.1 Declining biodiversity 
 
Biodiversity not only encompasses all the variability of life, but also includes the processes 
that give rise to richness and abundance at all levels: individual genome, population, species, 
community, and ecosystem (Noss 1990; Wilson 1999; Vellend and Geber 2005). Increased 
richness and biological heterogeneity correlate with more robust and resilient environments 
(Tilman et al. 1999; Schwartz et al. 2000; Loreau et al. 2001). These environments provide 
ecosystem services such as flood prevention, food, maintaining water quality, furthering 
medical discoveries, and decreasing disease vulnerability, all of which positively impact 
humans (Worm et al. 2006; Bernstein and Ludwig 2008; Mace et al. 2012). Economically, 
the value of biodiversity is high or even incalculable (Gowdy 1997). For example, less 
biodiverse fisheries collapse faster, have a lower average catch rate, and are less resilient to 
overfishing than species-rich fisheries (Worm et al. 2006). While speciation previously 
balanced out background extinction, extinction rates have rapidly increased in the past few 
centuries, moving towards the sixth mass extinction (Pimm et al. 1995; Barnosky et al. 2011; 
Vellend et al. 2017). Anthropogenic effects including habitat loss and fragmentation, 
pollution, climate change, spread of invasive species and pathogens have heavily contributed 
to declining diversity rates (Gibbons et al. 2000; Costello et al. 2010). Thus, it is imperative 
to monitor trends in biodiversity to prevent biodiversity loss. 
 
Biodiversity within species (i.e. genetic diversity at the population level) is also declining 
(Ceballos and Ehrlich 2002). The field of population genetics describes and measures genetic 
variability within and between groups of individuals of the same species collocating at the 
same place and time (Wright 1965; Hughes et al. 2008; Charlesworth and Charlesworth 
2017). Genetic diversity is ultimately gained through mutation in an individual’s genetic 
code. Mutations can affect alleles, or genetic sequence variants (Hubby and Lewontin 1966; 
Tajima 1989). However, processes besides mutation can affect genetic diversity. Gene flow 
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can transfer or introduce alleles from one population to another (Slatkin 1993; Hamner et al. 
2012). Selection may change allelic ratios or affect heterozygosity (Frankham 2008; Reznick 
2016). Genetic drift, the stochastic process of allele change due to chance, can influence 
allele frequency (Allendorf 1986). Bottlenecks which subset a population may also cause the 
loss of alleles over time (Maruyama and Fuerstt 1985; Spradling et al. 2010). Without 
sufficiently robust genetic diversity, increased rates of inbreeding may result in some species 
having less adaptive potential (Frankham et al. 1999).  
 
To understand biodiversity losses and rates, information is needed about species and 
population composition, locations, distribution, and ecology (Kim and Byrne 2006; Ricklefs 
2003). However, large-scale monitoring is impractical using traditional methods which often 
require massive sampling efforts and taxonomic expertise (Thomsen et al. 2012, 2016). 
Additionally, different techniques are used to target different taxa. For example, different fish 
species are detected in trawls compared to seine netting or electrofishing. With declining and 
increasingly specialized taxonomic expertise paired with non-declining costs of fieldwork, 
biodiversity monitoring can be expensive and time consuming (Boero, 2001; Kim & Byrne, 
2006; Smith & Savolainen, 2005). These practical constraints have necessitated the invention 
of new ways to describe changing community composition. DNA barcoding, using a short 
genetic sequence to identify a species, and metabarcoding, identifying many species at once 
via their genetic sequences, is an answer to this problem (Hebert et al. 2003). 
 
1.1.2 Barcoding biodiversity 
 
Since 2003, DNA barcoding has been developed as a method to genetically delimit species 
using rapidly evolving mitochondrial DNA (mtDNA) sequences (approx. 600 bp) (Avise et 
al. 1987; Hebert et al. 2003). DNA barcoding has been used in many contexts with varying 
degrees of success. For example, DNA barcoding can parse out cryptic diversity, where two 
species can only be distinguished via genetic tools (Hebert et al., 2004; Smith et al., 2006). In 
the context of ecological interactions, stomach contents and feces can be catalogued, leading 
to a better understanding of food webs (Clare et al. 2014). Wildlife forensics can confirm if 
endangered species are sold at markets under the guise of other names with barcoding 
techniques (Rasmussen et al. 2009; Mishra et al. 2016). Ancient life can also be catalogued 
genetically, clarifying evolutionary lineages (Lambert et al. 2005). However, in such studies, 
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DNA barcodes may have limited phylogenetic resolution. Commonly used mtDNA markers 
are prone to problems such as introgression and non-monophyly at the mitochondrial levels 
due to being maternally inherited (Whitworth et al. 2007). Paraphyletic, polyphyletic, and 
incomplete clades may suffer from a false “barcoding gap” (the difference between inter and 
intra specific genetic distances between groups of organisms), although this may be mitigated 
by complete taxon sampling and sufficient sample size (Wiemers and Fiedler 2007). In 
poorly sampled groups, error rates may be high and the barcoding gap not well defined 
(Meyer and Paulay 2005; Čandek and Kuntner 2015). Thus, barcoding is most useful for 
identifying species with well-resolved phylogenies. Alternatively, operational taxonomic 
units (OTUs) are used to delimit genetic diversity. By clustering similar sequences defined by 
genetic distances (a 3% difference from other OTUs is common) classification of different 
taxonomic units can be done through hierarchical clustering (Chen et al. 2013; Schmidt et al. 
2014). These taxonomic units can then be matched to a genetic database to estimate the least 
common ancestor (Holovachov et al. 2017). Many pitfalls of barcoding are shared by non-
invasive sampling techniques that use barcoding as a cornerstone in their development. Best 
practice includes using ecological data or traditional sampling methods in tandem with 
genetic tools (Cristescu 2014). 
 
1.1.3 Metabarcoding biodiversity 
 
Sequencing advances have led to the ability to barcode multiple samples at once, known as 
metabarcoding (Ji et al. 2013; Cristescu 2014). Through this technique, biologists can 
describe community composition by sequencing a bulk sample of specimens (Cristescu 
2014). With the advent of next-generation sequencing (NGS) and a growing bioinformatics 
toolset, it is possible to tease apart individual species among mixed samples. For example, it 
is possible through the sequencing of parasite stomach contents to determine the species that 
leeches or flies are preying upon, including endangered species (Calvignac-Spencer et al. 
2013b; Schnell et al. 2015). Monitoring communities for compositional change also becomes 
more feasible with metabarcoding because biologists need not rely so heavily on indicator 
species (Lindenmayer and Likens 2011; Ji et al. 2013). Given the declining costs of NGS, 
metabarcoding offers a high-throughput, rapid, and sensitive method to directly identify 
biodiversity (Ji et al. 2013; Gibson et al. 2014). However, metabarcoding is still subject to the 
same limitations as barcoding. Not all metabarcoding studies can identify taxa to the species 
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level, and may describe OTUs without assigning a particular taxonomic group (Alberdi et al. 
2018). Metabarcoding methods have not yet extensively incorporated population genetic 
analyses as techniques are currently being developed and refined.  
 
1.2  Environmental DNA 
 
1.2.1 History and a brief introduction 
 
While the concept of environmental DNA (eDNA) has only taken off in the field of 
macrofaunal ecological genetics in the mid-2010’s, genetic tools to sample biodiversity have 
been used by microbiologists since the 1980’s (Ogram et al. 1987). Not all microbes can be 
cultured in a laboratory, but their diversity can be delimited genetically (Pedrós-Alió 2006). 
To overcome the limitations and controversies imposed by traditional taxonomic structures, 
microbiologists have employed operational taxonomic unit (OTU) analyses to identify 
microbial biodiversity from environmental sample extractions (Huse et al. 2010). OTUs 
continue to be widely used to answer a multitude of questions such as comparing microbial 
composition at multiple locations, comparing gut microbiomes, and improving crop 
efficiency with impacts on biodiversity, health, and ecology (Parfrey et al. 2014; Singh et al. 
2014; Orr et al. 2015). These concepts were then transferred from microorganism eDNA 
studies to broader eukaryotic community ecology. 
 
Environmental DNA is DNA extracted from environmental samples (Pawlowski et al. 2020; 
Rodriguez-Ezpeleta et al. 2021). The scope of this particular thesis is on marine eDNA – 
DNA collected from seawater samples – but eDNA techniques have been applied to many 
other systems including leaf litter, soil, and air (Andersen et al. 2012; Drummond et al. 2015; 
Kraaijeveld et al. 2015; Craine et al. 2017). We refer the reader to Deiner et al.’s, (2017a) 
review with a section specifically dedicated towards ecosystems for more information on soil 
and air eDNA. The eDNA literature in general has concentrated on four types of publications: 
best practices and ecology of eDNA itself, eDNA metabarcoding, single species studies, and 
using eDNA to answer ecological questions. How DNA interacts with the environment is 
becoming clearer, especially since 2016, and methods continue to be refined for obtaining 
eDNA (Barnes and Turner 2016; Shogren et al. 2016; Buxton et al. 2017a). eDNA 
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metabarcoding aims to describe biodiversity from DNA fragments found in environmental 
samples (Bista et al. 2017). Single species eDNA usually targets endangered or invasive 
species for sensitive and early detection (Olson et al. 2012; Rees et al. 2014). Now, with 
eDNA techniques gaining acceptance in the ecological community as a valid approach for 
determining organism presence, studies using eDNA tools to answer ecological questions 
surrounding presence at contrasting locations, or migration patterns, are becoming more 
common (Pochardt et al. 2020; Mauffrey et al. 2020). Despite the broad use of eDNA 
methods, this tool remains limited by current available technology and databases. 
Furthermore, as with almost all monitoring methods, it is only possible to make observations 
of presence; species absence is difficult to prove.  
 
1.2.2 eDNA applications as a monitoring technique 
 
Because of the ability to detect species using lower sampling effort than traditional netting, 
trapping, or electrofishing methodology, eDNA methods have been hailed as both effective 
and useful for the monitoring of biodiversity, especially in conjunction with traditional 
methods (Lodge et al. 2012; Lintermans 2015; Hoffmann et al. 2016; Stat et al. 2019; 
McColl-Gausden et al. 2020). One reason for increased efficiency is that eDNA methods take 
fewer person-hours to sample biodiversity in a given area, and samples are easily obtained. 
One extreme example is of the presence of invasive carp being detected with eDNA in 
Illinois, USA, prompting 93 person-days of effort to find one individual carp using 
electrofishing (Jerde et al. 2011). Other examples include a 67% cost decline and lower 
sampling effort for detecting fish species with eDNA methods compared to triple-pass 
electrofishing (Evans et al. 2017). The ease of collecting samples, for example, swabbing 
dust from the top of a door in one’s home to detect arthropods, has even enabled citizen 
science projects (Biggs et al. 2015; Madden et al. 2016; Gilbert 2017). Once samples are 
collected, sample sequences are compared against a taxonomist-confirmed database using 
bioinformatics, though databases are often incomplete and have errors (Pedersen et al. 2015; 
Madden et al. 2016). Some studies have found eDNA methods to not be as effective as 
traditional sampling (Baker et al. 2020), and most biodiversity surveys find the use of both 
eDNA and traditional sampling methodology in tandem provides the fullest picture of 
biodiversity in an ecosystem (Lacoursière-Roussel and Deiner 2021).  
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There are limits to the information obtained from eDNA surveys. Many measures of diversity 
(e.g., most biodiversity indices) require abundance measurements, not just presence records 
(Pielou 1966). However, there is no simple relationship between organism biomass and 
eDNA abundance (Iversen et al. 2015). Although biomass and number of individuals have 
been found to correlate with both sequence reads and eDNA copy number/concentration, 
these relationships have mainly been explored for fish and species-specific relationships still 
need ground-truthing (Doi et al., 2015; Eichmiller et al., 2014; Spear et al., 2020; Yates et al., 
2019). Furthermore, these model estimates often have wide confidence intervals making their 
application to abundance monitoring challenging. There is also the variability in DNA 
shedding rates between species and individuals to consider (Lacoursière-Roussel et al. 2016). 
Shedding rates of eDNA per individual can depend on diet, life stage, and breeding season, 
the first two of which cannot be determined from eDNA (Klymus et al. 2015; Spear et al. 
2015). Despite these challenges, some headway has been made, especially in correlating 
eDNA shed with biomass of migrating fish (Pochardt et al. 2020) and single-cell organisms 
(Vasselon et al. 2018). However, the correlation between biomass and eDNA abundance still 
remains to be tested for many organisms and environments.  
 
1.2.3 Defining detection with indirect sampling 
 
Despite being able to detect many species, there are technical and ecological factors to 
consider since organisms will not be captured directly. False negatives and false positives 
must be given careful attention when using eDNA techniques (Takahara et al. 2015; Wilcox 
et al. 2016). As the organism itself is not sampled, there is the possibility of false positives 
where a target species is identified when not truly present, such as through the fecal matter of 
a predator (Guilfoyle and Schultz 2017; Lahoz-Monfort et al. 2016). Negative controls 
throughout the eDNA sampling, extraction, and amplification process can help determine 
where contamination may occur (Goldberg et al. 2016). Biologically, false positives may also 
occur when DNA signal is detected but comes from a nonviable source, such as eDNA from 
a decaying organism or the gastrointestinal tract of a predator (Darling and Mahon 2011; 
Merkes et al. 2014; Guilfoyle and Schultz 2017). Increasingly, eDNA studies are 
incorporating species occupancy models and species distribution models to determine 
detection (Schmelzle and Kinziger 2016; Willoughby et al. 2016; Muha et al. 2017). 
Occupancy modelling can determine the number of samples needed to have a high (95%) 
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confidence of a true absence (Mackenzie et al. 2003). While this probability can never be 
zero, confidence in a true absence can be increased with these models (Goldberg et al. 2016; 
Willoughby et al. 2016). Species distribution models also use information gathered from 
eDNA methods to determine the probability of presence (Muha et al. 2017). Confidence in 
presence detection is important especially if invasive or endangered species are target 
species.  
 
1.2.4 Environmental DNA metabarcoding 
 
Metabarcoding eDNA samples can provide a snapshot of community biodiversity in a time 
and cost-efficient manner on a large scale. Comparison studies sought to provide evidence 
that eDNA metabarcoding was a highly effective biodiversity assessment tool (Bohmann et 
al. 2014). Early laboratory studies included metabarcoding mesocosms, man-made 
communities of known species composition. For example, an eDNA study detected all but 
one species of bony fish in a large exhibit at the Monterey Bay Aquarium (Kelly et al. 2014). 
Other simulated communities of fish and amphibians detected every seeded species in all 
mesocosms (Thomsen et al. 2012; Evans et al. 2016). Early field studies also found success 
using eDNA metabarcoding; over 90 species from a coastal ocean were detected with 
methods previously validated in mesocosms (Miya et al. 2015).  
 
The advances that have been made using eDNA metabarcoding to detect true diversity were 
only possible with stringent next-generation sequencing (NGS) bioinformatic filtering and 
effective pathways for categorizing diversity. With NGS, increased sequencing depth can 
allow for more reads to be retained and more confidence in sequences identified (Elbrecht 
and Leese 2017; Alberdi et al. 2018). Generally, singletons (single instances of a sequence) 
are not considered enough to be an OTU, as the possibility for obtaining that sequence by 
sequencing error is too great (Alberdi et al. 2018). Chimeras, sequences from a combination 
of two or more templates, must be removed in analyses as they are not real taxa (Bjørnsgaard 
Aas et al. 2017). Distinguishing between noise and real signal before and during OTU 
clustering must be carefully done to correctly identify taxa or OTUs. Additive PCR replicate 
processing strategies can vastly increase OTU abundance whereas strategies requiring 
overlap between replicates reduce OTU number (Alberdi et al. 2018). Significant database 
limitations also exist; not all life has been described, and among what has been described, not 
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all has been genetically sequenced and catalogued (Kvist 2013). This is especially a problem 
in understudied localities, such as the Southern Ocean (Griffiths 2010). While 
microbiologists have previously used sequence-based distance measures for prokaryotic 
taxon distinction and OTU analysis, it is recommended that taxonomic assignment for 
macrofauna use a reference database (Coissac et al. 2012; Deiner et al. 2017a). OTUs may 
represent real species but not be represented in NCBI (National Center for Biotechnology 
Information) or BOLD (Barcode Of Life Data system) databases and therefore these 
sequences cannot be assigned to a specific species or genus (Ishige et al. 2017). Furthermore, 
publicly available databases may have inaccuracies which can erroneously assign taxa 
(Brenner 1999; Devos and Valencia 2001). All of these factors must be controlled for when 
filtering eDNA metabarcoding data. 
 
1.2.5 Single species 
 
Single species eDNA studies have mainly been used for conservation in two ways: detecting 
invasive species and monitoring threatened species. This was first introduced as such by 
Ficetola (2008) detecting invasive bullfrog (Lithobates catesbeianus) eDNA in France.  
Invasive species cause environmental, ecological, and economic damage, incentivizing 
prevention and early detection (Pimentel et al. 2005; Ricciardi 2007). These non-native 
species can arrive in sub-adult forms or may not be easily identifiable, especially in the case 
of marine plankton, making DNA-based identification advantageous over purely 
morphological identification (Besansky et al. 2003; Caesar et al. 2006; Ardura et al. 2015). In 
other locations, eDNA methods are sensitive enough to detect the forefront of an invasion, 
allowing managers to identify sites for further, more intensive sampling (Darling and Mahon 
2011; Jerde et al. 2011; Dejean et al. 2012). Some of the first comprehensive case studies 
focused on detecting Asian carp (Hypophthalmichthys sp) invasions near the Chicago area 
waterways (Jerde et al. 2013; Turner et al. 2014; Klymus et al. 2015; Erickson et al. 2016, 
2017; Wozney and Wilson 2017; Stepien et al. 2019). Since then, many invasive fish have 
been targeted (Adrian-Kalchhauser and Burkhardt-Holm 2016; Davison et al. 2017; Hinlo et 
al. 2017; Carim et al. 2017; Balasingham et al. 2018) and eDNA methods have been used to 
determine the efficiency of fish eradication efforts (Banks et al. 2016). Other invasive animal 
clades have also been targeted, such as amphibians (Ficetola et al. 2008; Dejean et al. 2012; 
Secondi et al. 2016), crustaceans (Zaiko et al. 2015; Dougherty et al. 2016; Forsström and 
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Vasemägi 2016; Carim et al. 2016; Larson et al. 2017), reptiles (Piaggio et al. 2014; Davy et 
al. 2015; de Souza et al. 2016), and molluscs (Goldberg et al. 2013; Ardura et al. 2015; 
Klymus et al. 2017; Xia et al. 2018). The rapid adoption of eDNA techniques for invasive 
species monitoring highlights the utility of eDNA tools and demonstrates a need for further 
advances in these methods.  
 
Another exponentially growing single-species-level use for eDNA methods is the detection of 
endangered species. This technique has been used for detecting rare and secretive species 
across a wide variety of taxa (Thomsen et al. 2012; Rees et al. 2014; Schmelzle and Kinziger 
2016; Ikeda et al. 2016; Piggott 2017; Brozio et al. 2017). The presence of many imperiled 
species has been confirmed in this way, including in areas where species presence had not 
been recently or previously detected using traditional methods (Goricki et al., 2017; 
Sigsgaard et al., 2015; Spear et al., 2015; Vörös et al., 2017). Endangered species distribution 
and migrations have been be monitored using eDNA methods (Gustavson et al. 2015; 
Laramie et al. 2015; Stewart et al. 2017; Buxton et al. 2017b). Seasonal spikes in endangered 
species eDNA may indicate spawning (Bylemans, 2016; Spear et al., 2015). Increasingly, 
population genetics of single species have also been monitored with eDNA tools (Baker et 
al., 2018; Pinfield et al., 2019). All these uses could provide conservation managers with 
important information if used carefully and controlled for false detections and other biases. 
Further developing eDNA tools to gain population genetic information can add to the much-
needed conservation genetic aspects of monitoring. 
 
1.3 Population Genetics 
 
The study of population genetics describes changes in the genetic diversity of populations 
through evolutionary mechanisms such as natural selection, genetic drift, mutation, and gene 
flow, which all have evolutionary consequences and can lead to speciation (Lenormand 2002; 
Epps et al. 2005; McGuire et al. 2013). The direction, magnitude and mechanisms of 
population connectivity can be examined by quantifying gene flow (Lande and Arnold 1983; 
Wu 2001; McGuigan 2006). Furthermore, genetic data can be used to estimate inbreeding, 
which has potential fitness consequences (Mills and Smouse 1994; Keller 1998; Keller and 
Waller 2002). Understanding the genetics of populations can help us explore the past 
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distributions (Drummond et al. 2005), present status (Dussex et al. 2016), and future 
prospects of species (Shaffer 1981). Therefore, population genetic data are useful for 
informing conservation management strategies. 
 
Population genetic research requires genetic sampling from organisms of interest. For 
example, blood and tissue samples have traditionally been sources of genetic material for 
large marine mammals (e.g., flipper clips from seal populations) (Gemmell and Majluf 1997; 
Gemmell et al. 2001). However, sampling tissue has negative effects on the target organism, 
such as: lethal sampling (Erwin 1983), causing harm or discomfort (Bearzi 2000), 
disfigurement (Cassone and Boulding 2006), or imposing stress (Romero and Reed 2005). 
Sampling can also be expensive, dangerous and time consuming for researchers (Greenbaum 
2003; Jerde et al. 2011; Rodgers and Janečka 2013). For example, studying venomous 
reptiles may put researchers at risk of a bite (Ivanyi and Altimari 2004) and traditional 
sampling efforts to directly encounter the target species may be more costly than reagents 
required for the analysis of eDNA (Sigsgaard et al. 2015). Recently, non-invasive sampling 
techniques have been developed to reduce harm and expense (Lugg et al. 2018). In marine 
environments, for instance, fecal plumes, respiratory blow, parasites, and shed skin have 
proven to be useful DNA sources (Parsons et al. 1999; Swanson et al. 2006; Frère et al. 2010; 
Pierszalowski et al. 2013; Meekan et al. 2017). Such indirect samples have been used to 
amplify mitochondrial DNA (mtDNA) and nuclear DNA (nuDNA) markers, allowing 
measurement of allelic diversity, kinship, sex ratios, abundance and effective population size, 
density, evolutionary significant units, mating systems, and patterns of dispersal in species 
that might otherwise be difficult to sample (Parsons et al. 2003, 2006; Lukacs and Burnham 
2005; Swanson et al. 2006; Gottelli et al. 2007; Ruell et al. 2009; Mondol et al. 2009; Sharma 
et al. 2011; Janečka et al. 2011; Pierszalowski et al. 2013). The advent of environmental 







1.4 Environmental DNA and Population Genetics 
 
1.4.1 Why use eDNA over direct sampling for population genetics? 
 
Many reasons to use eDNA methods for population genetics mirror the arguments for using 
non-invasive sampling for presence/absence or abundance estimates. Some of the species in 
eDNA population genetic studies are of conservation and management interest and can be 
difficult to sample (Sigsgaard et al. 2016; Baker et al. 2018; Parsons et al. 2018). Sampling 
protected organisms (e.g., endangered or threatened species) and species of cultural 
significance requires permitting processes that cost time and effort (Witmer 2005; Tipa and 
Nelson 2017; Ruru et al. 2017). Data deficient organisms may not have a good sampling 
framework in place (Bland et al. 2015). Animals such as cetaceans may travel widely, while 
stranded individuals (often a major source of tissue samples) may not correspond to a 
population’s usual distribution (Parsons et al. 2018). Although studies using eDNA methods 
for population genetics have been heavily focused on the marine biome, eDNA methods 
could also be useful for other difficult-to-sample species in various habitats. For example, 
eDNA methods have been used to detect the presence of endangered species such as the great 
crested newt (Triturus cristatus) in freshwater habitat (Rees et al. 2014, 2017; Grillas et al. 
2018; Harper et al. 2018). Endangered terrestrial animals, such as the Bornean orangutan 
(Pongo pygmaeus) and Sunda pangolin (Manis javanica), may leave eDNA traces in 
locations such as salt licks (Ishige et al. 2017). Given the elusiveness of some imperiled 
organisms, eDNA techniques may be one of the best options for describing genetic variation 
in certain cases. Invasive organisms have also been targets for eDNA population genetic 
studies to determine from which source populations they came (Stepien et al. 2019). 
Understanding the population dynamics of target species is important for effective 
management. 
 
1.4.2 Environmental DNA for population genetics in an aquatic environment 
 
The use of eDNA methods for population genetics is in its infancy, but a handful of notable 
studies demonstrate the potential of aqueous eDNA to obtain within-species population 
genetic data. One of the first population-based eDNA studies looked at mtDNA haplotype 
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variation of whale sharks (Rhincodon typus) to assess global shark population structure and 
their trophic interactions (Sigsgaard et al. 2016). In addition to haplotypic variation, this 
study reported a positive eDNA copy number correlation between quantities of whale shark 
eDNA and quantities of eDNA from their mackerel tuna prey (Euthynnus affinis) over two 
years, likely reflecting of food web interactions (Sigsgaard et al. 2016). More recently, 
seawater eDNA work on Northeast Pacific killer whales (Orcinus orca) explored whether 
eDNA-obtained haplotypes could be assigned to known haplotypic variation. A haplotype 
belonging to the southern resident killer whale ecotype was discovered, which was 
genetically distinct from the locally expected haplotype variation (Baker et al., 2018). It may 
therefore be possible to detect ecotype movements and interactions through eDNA, 
genetically confirming visual identification. Furthermore, eDNA mtDNA control region 
haplotypes can help support known population structure for management purposes, and even 
describe previously unknown haplotypes (Parsons et al. 2018). A harbor porpoise (Phocoena 
phocoena) study incorporated positive controls and strict bioinformatic filtering to ensure 
high quality haplotypes (Parsons et al. 2018). Environmental DNA haplotype work like this 
has paved the way for examining population genetic diversity with water samples. 
 
Further field studies have gone beyond identifying haplotypic amplicons in water samples by 
quantifying genetic diversity with a wider range of markers. Notably, Marshall and Stepien 
(2019) quantified mussel eDNA haplotypes in experimental and field settings, showing that 
eDNA methods reflect species composition and haplotypic variation. Fish haplotypes from 
eDNA methods can also be quantified with quantitative MiSeq, and total amount of 
intraspecific genetic diversity can be estimated with these eDNA-obtained haplotypes (Tsuji 
et al. 2020c). Because mitochondrial markers were used, effective population size of females 
could also be estimated (Tsuji et al., 2020a). More recently, whole mitogenomes and nuclear 
SNPs have been recovered with capture-based eDNA methods (Jensen et al. 2021). Work has 
also been done to capture microsatellites with eDNA techniques to determine which 
populations invasive fish originated from (Stepien et al. 2019). These exciting developments 
open up the path for effectively using eDNA-obtained genetic diversity. 
 
In addition to single-species targets, eDNA metabarcoding primer sets have been used to 
identify multiple haplotypes across multiple species simultaneously (Elbrecht et al. 2018). 
For instance, multiple arthropod mtDNA haplotype ratios have been identified using eDNA 
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techniques from freshwater streams (Elbrecht et al. 2018). After strict data filtering and only 
considering haplotypes found in multiple replicates, between 177 to 200 OTUs were 
recovered with the average number of detected haplotypes for each OTU ranging between 
2.40 and 3.30 (Elbrecht et al. 2018). 16S rDNA eDNA metabarcoding primers have been 
used to describe multiple intraspecific haplotypes of a snapper (Lethrinus sp.) from seawater 
samples, also using strict sequence read filtering (Stat et al. 2017). Both studies required 
primers with enough resolution to discern intraspecific haplotypes, while also being broad 
enough to capture multiple species. Research like this helps build a framework for 
determining multi-taxa haplotypic diversity with eDNA metabarcoding technology, but 
further investigation is needed for other environments and taxa (Stat et al. 2017; Elbrecht et 
al. 2018). 
 
1.4.3 Challenges facing environmental DNA population genetics 
 
Despite recent success and future potential, eDNA population genetic methods require fine 
tuning before they can be widely applied. Perhaps one of the biggest obstacles in 
transitioning from species detection to population genetics using eDNA methods is assigning 
sequences to individuals. Previous non-invasive genetic techniques for terrestrial organisms 
have been able to identify different individuals from scat samples (Farrell et al. 2000; Mondol 
et al. 2009), stomach contents (Bohmann et al. 2013; Calvignac-Spencer et al. 2013a; Schnell 
et al. 2015) or feeding sites (Nichols et al. 2015; Aylward et al. 2018; Monge et al. 2020), but 
environmental samples may present as a mix of individuals. There is some difficulty in 
parsing out individuals from mixed-sample eDNA (e.g. soil or water), although some work 
has made headway in describing a minimum number of individuals potentially present in a 
sample (Jensen et al. 2021). However, most population genetic statistical tools still require 
individual organism input, and population genetic theories often relies on examining 
individual genetic variation. Traditional population genetic statistical software and tools are 
founded upon the expectations and observations of individual diversity (Corander et al. 2004; 
Jombart et al. 2018). Progress is being made in determining how eDNA input can be put into 
our current population genetic models like AMOVA for gene flow or effective population 
size, but this remains to be extensively tested in field settings (Tsuji et al. 2020c; Azarian et 
al. 2021). It is unlikely that individual heterozygosity measures will be obtained with eDNA 
methods unless environmental samples can be assessed at the cellular unit level with single-
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cell sequencing (Adams et al., 2019). If individual cells cannot be obtained, population 
genetic questions using environmental samples will be limited primarily to comparing allelic 
variation between different populations (Cutler and Jensen 2010; Parsons et al. 2018). 
 
Even when sequences are obtained in sufficient quantities and can be assigned to individuals, 
many non-invasive genetic sampling techniques, including eDNA, suffer from amplification 
challenges. Allelic dropout (the loss of allelic variation during sequencing) and false alleles 
(the apparent presence of non-existent alleles in samples), are notable examples (McKelvey 
and Schwartz 2004; Gillett et al. 2008; Smith and Wang 2014; Nichols and Spong 2017; 
Tsuji et al. 2020c). Missing or false alleles bias genetic diversity estimates with implications 
for further analyses (Cooke et al. 2016). Degraded DNA samples yielding low quality and/or 
template can contribute to these challenges, requiring increased replicates, increased PCR 
cycles, or increased sequencing depth (Ficetola et al. 2016; Yamamoto et al. 2017; Alberdi et 
al. 2018). Recent eDNA sampling has shown that allelic variation can be missed in multiple 
markers depending on extraction and capture methodologies (Monge et al. 2020). Therefore, 
ground-truthing methodologies and using multiple markers will be important for reliable, 
reproducible eDNA capture and amplification in eDNA population genetic studies. 
 
Some techniques for mitigating quantity challenges for eDNA samples, such as PCR, are 
themselves not without biases that can impact allelic abundance (Alberdi et al. 2018; 
Fernandez et al. 2018; Fonseca 2018). For example, PCR may exponentially amplify 
common DNA, decreasing the signals of rare genetic variation (Fernández et al. 2018). When 
using next-generation sequencing (NGS), there is a fine line between NGS error rates and 
low-quantity alleles when filtering and analyzing data (Elbrecht et al. 2018). The inclusion of 
positive controls and stringent sequence read filtering could act as a guideline to determine 
real genetic variation (Eisenstein 2018; Parsons et al. 2018). Multiple sampling replicates 
could be used to further verify the legitimacy of low-abundance genetic variation (Stat et al. 
2017; Parsons et al. 2018). The same sequencing errors likely will not occur over multiple 
sampling replicates, and low-frequency reads could be considered valid if occurring in 
multiple replicates. As discussed above, read depth or eDNA copy number may not correlate 
with known biomass (Elbrecht and Leese 2015; Alberdi et al. 2018; Yates et al. 2019; 
Shelton et al. 2019). Relating allelic abundance to eDNA genetic variation is necessary to 
understand allelic frequency differences between and within populations. Correlation 
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correction factors may help, but variation in individual shedding rates of eDNA may obscure 
true haplotype ratios and therefore testing against the gold standards of tissue sampling is 
needed (Klymus et al. 2015; Dunn et al. 2017; Vasselon et al. 2018). 
 
The line between rare intraspecific genetic variation and background noise remains unclear 
when using eDNA methods. When considering read depth, the number of reads from eDNA-
obtained intraspecific genetic variation for a target species must be sufficient enough to be 
distinguishable from background noise to ensure confidence that true genetic variation has 
been obtained. If initial DNA copy numbers are insufficient (e.g., <200 copies/L, (Uthicke et 
al. 2018)), PCR may be too stochastic to amplify rare genetic variation reliably, or may not 
amplify it at all. This could result in missing haplotypes, or allelic drop-out. The issue of low 
copy number has been addressed previously in the forensic and ancient DNA (aDNA) fields 
with technological advancements and modified protocols (e.g., qPCR, Alonso et al. 2004) 
and varying reagents (Johnson and Kemp 2017; Gill et al. 2005). Increased sampling 
replicates may improve chances of capturing target eDNA, and limits of detection have been 
explored for eDNA at the species level (Furlan et al. 2016; Hunter et al. 2017; Xia et al. 
2018).  
 
Due to the aforementioned challenges, and the emergent nature of the eDNA population 
genetics field, population genetic-oriented eDNA sampling methodologies currently lag 
behind those of contemporary population genetic methods. Population genetic studies now 
regularly use thousands of single nucleotide polymorphisms (SNPs) for multiple non-model 
organism individuals, not only for comparison of populations across space and year-to-year 
variation, but also to infer evolutionary histories with coalescence models (Morin et al. 
2004). Additionally, whole genome sequencing (WGS) and pan-genomes (encompassing all 
genetic variability within a clade, usually species) are increasingly used to examine 
population-level genetic variation because they offers very high genomic resolution for 
detecting selection and the genetic basis of phenotypes (Fuentes-Pardo and Ruzzante 2017). 
It is likely eDNA population genetics methods will continue to lag behind tissue-based 
population genetics while the aforementioned challenges are being addressed. However, 




1.4.4 Turning eDNA population genetic challenges into research opportunities 
 
Experiments and bioinformatic developments have laid the groundwork for assigning and 
quantifying population-level genetic data from environmental samples. For example, 
controlled haplotype mixes with known ratios have been put through bioinformatic pipelines 
to determine which sampling methods are most effective (e.g., dada2 or unoise3) (Elbrecht et 
al. 2018; Yoshitake et al. 2019; Tsuji et al. 2020b; Turon et al. 2020). These experiments, as 
well as Chapter III, address allelic drop-out in laboratory and field settings. Good sampling 
design, in tandem with technological developments, could help mitigate issues around 
obtaining ratios and abundance of alleles (Ficetola et al., 2015; Goldberg et al., 2016). 
Increasing sequencing depth, replicates, and samples help guard against allelic dropout (Creer 
et al. 2016; Yamamoto et al. 2017). Additionally, the inclusion of positive controls during 
sequencing or PCRs can assist data processing, serving as a benchmark for separating true 
haplotypic diversity from sequencing noise in bioinformatic pipelines (Parsons et al. 2018; 
Turon et al. 2020). With these advances in methodology, we can start using technqiues, such 
as unique molecular identification, which allow us to detect genetic variation more 
sensitively and accurately (Yoshitake et al., 2021). The more that is understood about the 
ecology of eDNA in a field setting, the better we can understand and model eDNA 
abundance (Levi et al. 2018; Yates et al. 2019; Shelton et al. 2019). 
 
Another challenge for population genetic eDNA methods is developing capture enrichment 
for target species using eDNA sampling techniques. Capture methodology, where bait 
molecules bind to target DNA, is currently being explored for eDNA with success for nuclear 
SNPs and mitogenomes (Wilcox et al. 2018; Jensen et al. 2021). Further testing is needed in 
non-fish organisms. Sequencing developments may also enable longer reads to be obtained 
without sacrificing quality. Longer reads at greater depth may help to string haplotypes 
together, increasing genomic coverage and helping to phase together shorter eDNA strands 
(Jamy et al. 2020).  
 
These exciting technological advances, paired with environmental genetic techniques, offer 
promising new ways to address broad evolutionary genetics questions without direct 
sampling. By early 2018 (the start of this thesis), only one paper had been published on 
population genetic eDNA (Sigsgaard et al., 2016), and now there are about 10 (see Chapter 
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VI for more details). However, while many publications (and a dedicated eDNA journal) 
have since emerged into the eDNA space during this time, relatively few studies have 
addressed eDNA population genetics. Here, I contribute to the eDNA field by describing the 
current role of environmental DNA metabarcoding for diversity, then further testing the 
limitations of eDNA for population genetic studies. 
 
1.5 This Thesis: Structure and Function 
 
The overall thesis goal is to investigate marine biodiversity of New Zealand’s Southern 
Island, focusing on the Otago Region, with environmental DNA (eDNA) tools. The thesis is a 
journey from broad, genus-level coastal community biodiversity trends to examining the 
genetic diversity of a single species on a single rock. I then zoom back out again and apply 
our eDNA population genetic knowledge to a species of conservation interest across the 
South Island of New Zealand. Thus, the following chapters are organized as below in self-
contained, potentially publishable units: 
 
This Chapter I introduction describes eDNA, why I use it as a monitoring tool, and how it is 
being assessed for population genetic work. 
 
Chapter II describes community biodiversity above the species-level off of the coast of 
Dunedin, New Zealand, demonstrating eDNA can be used as a monitoring tool. The goal of 
this project was to describe metazoan biodiversity for the Munida transect, an oceanic 
transect mainly used to document water chemistry and microbial community diversity. I 
explore how different water types may reflect community composition, and discuss the 
importance of sampling over two days in order to snapshot biodiversity, especially for 
multicellular, pelagic organisms. 
 
Chapter III focuses in at the population level and explores what population genetic eDNA 
variation could be under ideal conditions. Here, I tested how haplotype abundance and 
concentration may affect population genetic results, highlighting that low concentrations of 
eDNA – especially for rare haplotypes – may suffer from stochastic amplification. This 
 18 
chapter also tests ways in which eDNA genomic data can be analyzed to pick out population-
level genetic diversity.  
 
Chapter IV builds upon the laboratory methods for population genetic eDNA and applies 
this technique in a field setting. I tested population genetic eDNA methods for blackfoot pāua 
(Haliotis iris), a commercially viable abalone species, by comparing tissue and eDNA 
haplotypes from a single rock off the coast of Otago, New Zealand. I then apply this assay to 
another field location. This chapter demonstrates and confirms how rare genetic variation can 
be difficult to obtain for some species, even if common haplotypes can be found with both 
traditional tissue and eDNA techniques.  
 
Chapter V explores efforts for obtaining whole mitogenomic variation from pāua (H. iris) 
and New Zealand fur seals (Arctocephalus forsteri). I test the ability of eDNA capture 
methods on these two species with different life histories. I attempted to recover 
mitochondrial genome SNPs from pāua and fur seals with no success for pāua and some 
success for fur seals. I find genetic variation from fur seals can be compared to genetic 
variation previously found in tissue samples, and report evidence showing multiple 
individuals may contribute to an eDNA sample. This chapter highlights some of the 
biological, methodological, and computational challenges in obtaining whole genomic 
variation from marine organisms. 
 
Chapter VI synthesizes how eDNA can be used as a broad-scale tool for monitoring at many 
different taxonomic levels. This thesis contributes one pebble to many stepping stones on the 
road to using eDNA as a tool for describing biodiversity with genetic tools, including for 
population genetic diversity. I make some recommendations for how eDNA analyses can 
develop as a robust population genetic tool and look into the future of the eDNA field.  
 
1.5.1 Author Contributions 
 
It takes a village to raise a PhD student, so while I lead the projects, many mentors have 
offered their advice and help at various stages. These chapters are meant to be adaptable to 
paper format, so they may be repetitive in places and I use the term “we” to reflect mentor 
and co-author contributions.  
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Michael Knapp (MK) was my main supervisor. 
Neil J. Gemmell (NJG) was a co-supervisor who helped with broad overviews of eDNA in 
New Zealand. He was instrumental in helping with study organism choice. 
Christopher Hepburn (CH) was a co-supervisor who helped with broad overviews of 
marine biology and ecology. His lab also provided a platform for communicating science 
with local iwi, especially Ngāi Tahu.  
Gert-Jan Jeunen (GJJ) was a co-supervisor who helped with technical eDNA laboratory and 
basic eDNA pipelines. 
Helen R. Taylor (HRT) was a co-supervisor who helped with writing, population genetics, 
and how to think about science in a meaningful way.  
Hugh Cross (HC) served as an advisor and mentored my bioinformatic and metagenomic 
skills, as well as always being a kind ear I could talk to about data analyses.  
Michael Bunce (MB) served as an advisor and helped with experimental design and getting 
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Chapter II: Environmental DNA metabarcoding 
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Shifting biodiversity patterns across the ocean indicate an increased need for monitoring 
biological community change. One method of monitoring community composition change is 
by examining environmental DNA (eDNA). Here, we applied an eDNA methodology to a 
long-standing coastal marine transect in the Southern Hemisphere, the Munida Observational 
Time Series, to determine multicellular metazoan presence across a gradient of four water 
masses and at depth. We found that eDNA signal differed across the surface-level gradient of 
four water masses, but these patterns of diversity were driven by planktonic organisms and 
not free-swimming animals such as fish. Additionally, deep sea communities differed from 
surface water communities. Importantly, we highlight that community biodiversity changes 
over time, especially with differences in abiotic conditions. While our eDNA approach 
successfully captured metazoan biodiversity, more intensive sampling across seasons is 
needed to fully capture diversity present across this ocean gradient. 
 
Keywords: environmental DNA, eDNA, temporal heterogeneity, Munida transect, 





Climate change is causing shifts in biodiversity patterns (Perry et al. 2005; Chen et al. 2011; 
Donelson et al. 2019), increasing the need to monitor and document our rapidly changing 
environment (Pecl et al. 2017; Berry et al. 2019; Overland et al. 2019). Climate-mediated 
ocean acidification increasingly impacts ecosystems and fisheries worldwide (Stewart-
Sinclair et al. 2020). For example, cold-adapted organisms are being replaced by warm-
adapted counterparts, or shifting their distribution to increasing latitudes (Beaugrand et al. 
2002; Poloczanska et al. 2013). Gaining a deeper understanding of how biological 
communities are changing is key to developing a more accurate prediction of future 
ecosystem states (Beaugrand & Kirby, 2018). Thus, developing and testing new biodiversity 
monitoring methods will yield a greater understanding of the anthropogenically-caused 
oceanic changes, which in turn will allow for more accurate predictions. 
 
Biodiversity monitoring allows us to assess anthropogenic impacts on marine ecosystems. 
There is no single method sufficient for monitoring all aspects of complex oceanic change, as 
each method has its own set of limitations. Monitoring results from net capture depends on 
the size or spacing of gear, and may harm organisms, such as fish, during the capture process 
(McClanahan and Mangi 2004; von Szalay and Somerton 2005). Harming fish during capture 
could bias physiological responses, stress, or cause tissue damage (Moyes et al. 2006; Rhode 
et al. 2017; Breed et al. 2020). Non-invasive underwater visual census, while not directly 
sampling tissue, may also bias results due to difficulty in accurately estimating fish size, 
abundance, or identity, especially if fish are small and far away from a transect (Edgar et al. 
2004; Ward-Paige et al. 2010; Bozec et al. 2011). Additionally, fish behavior may vary or be 
changed by the presence of a diver (Buxton and Smale 1989; Lindfield et al. 2014; Langlois 
et al. 2015). Due to direct capture and non-invasive sampling each having their own biases, 
knowledge gaps may not be sufficiently addressed (Harmelin-Vivien and Francour 1992). In 
recent years, the emergence of molecular techniques for biological monitoring offer new 
ways to fill in these gaps left by both invasive and non-invasive monitoring methods. Used in 
conjunction with traditional sampling, molecular methods help identify community diversity 
across multiple taxonomic groups, including the ability to identify cryptic species and larval 
forms (Marshall and Stepien 2019; Zaiko et al. 2020; Mason et al. 2020). 
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There has been a rapid increase of interest in using environmental DNA (eDNA) surveys as a 
monitoring method for megafaunal biodiversity (Fediajevaite et al. 2021; Jerde 2021). These 
eDNA surveys have been used to monitor biological invasions (Zaiko et al. 2015; Suarez-
Menendez et al. 2020), and detect low-abundance biodiversity in a range of marine 
ecosystems (Gargan et al. 2017; Cowart et al. 2018b; Sawaya et al. 2019). This non-invasive 
technique is sensitive to rare taxa and often able to detect organisms which otherwise may be 
missed by traditional net sampling (Closek et al. 2019; Nester et al. 2020; Afzali et al. 2021). 
Furthermore, eDNA monitoring can be cost-effective and more time-efficient compared to 
other methods (Thomsen and Willerslev 2015; Stoeckle et al. 2016; Evans et al. 2017; 
Fediajevaite et al. 2021). It has been suggested that detections of target taxa are also location 
and time-specific with eDNA methods (Jeunen et al. 2018, 2020). However, the spatial and 
temporal sensitivity of eDNA metabarcoding has not been fully defined for macrofaunal 
using an open-oceanic transect that spans multiple water masses. 
 
Repeated transect monitoring can identify seascape changes across multiple oceanic water 
masses. The Munida Time Series (established 1998), located off the coast of Otago, Aotearoa 
New Zealand, is a well-studied series of transects in the southern Pacific Ocean which are 
sampled every two months (extending from the coast, -45.77 oN, 170.72 oW, to 65 km 
offshore -45.82 oN 171.54 oW (Figure 2.1)). The Munida Time Series crosses three different 
oceanic water masses (neritic, sub-tropical, and sub-Antarctic), and a named sub-tropical 
front (the Southland Front) between the sub-tropical and sub-Antarctic water masses (Bates 
et al. 2014). Differences in salinity, temperature, and microbiome are observed along the 
transect in seasonal cycles based on the properties of these water masses (Morales et al. 2018; 
Bagnaro et al. 2020). Water samples continue to facilitate an understanding of ocean 
acidification under climate change (Currie and Hunter 1999, Bates et al. 2014) as well as 
other limiting macro and micronutrients, such as iron, copper, and cadmium (Croot and 
Hunter 1998). Although the chemical properties, microbial communities, and planktonic 
communities of these transects are well-known (Robertson et al. 1978; Currie and Hunter 
1999; Currie et al. 2011; Bates et al. 2014; Baltar et al. 2015; Morales et al. 2018), there is no 
baseline measure published for marine metazoan megafauna such as fish. 
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In this study we used an eDNA metabarcoding survey to detect the genetic signatures from 
metazoan animals in water samples taken twice during the month of February 2017 along the 
Munida Transect. These voyages provide snapshots of metazoan biodiversity. We aimed to 
answer the following questions: (1)Does the eDNA signal differ between the different water 
masses (neritic, sub-tropical, front, and sub-Antarctic)? (2) Do metazoan communities differ 
between sampling voyages on different days? And (3) How does the eDNA signal differ 
between surface and deeper water samples in the sub-Antarctic waters? 
 
2.2 Materials and Methods 
 
2.2.1 Study area 
 
The Munida Transect is a 65 km transect running along a gradient of three water masses: 
neritic, sub-tropical, and sub-Antarctic (Figure 2.1). Here, we use the term water mass to 
identify bodies of water with similar salinity and temperature across the Munida Transect. 
The Southland Front separates the sub-tropical and sub-Antarctic water masses (Jillett 1969; 
Currie and Hunter 1999; Jones et al. 2013; Baltar et al. 2015, 2016; Morales et al. 2018). The 
neritic water mass is located closest to shore (typically 0 - 15 km offshore) and characterized 
by warm coastal waters with lower salinity due to freshwater runoff and rivers (Currie et al., 
2011). Sub-tropical waters (typically 15 - 40 km offshore) over the continental shelf are 
characterized by higher levels of salinity and decreasing temperature, and form part of the 
northward flowing Southland Front (Currie et al., 2011). Between the sub-tropical and sub-
Antarctic waters, the Southland Front, also called the sub-tropical front, flows northwards 
(Sutton 2003; Currie et al. 2011; Stevens et al. 2019). This front can be recognized from an 
abrupt decrease in temperature and salinity. Farthest from shore is the sub-Antarctic surface 
water (typically > 45 km offshore), characterized by stable, low salinities and low 
temperatures similar to circumpolar sub-Antarctic water (Jillet 1969). At the easternmost sub-
Antarctic station of the transect (station 8), we aimed to compare biodiversity at the surface 
and at depth. Deeper waters are usually characterized by stable, cold temperatures (e.g., 4.0° 




Figure 2.1 Sampling sites by day along the Munida Transect, 2 February 2017 in circles and 
23 February 2017 in triangles. We sampled off the coast of the Otago Peninsula, traversing 
four different water masses: neritic, subtropical, the Southland Front, and sub-Antarctic 
waters.  
 
2.2.2 Water mass delineation 
 
Water masses, water bodies we identified with similar salinity and temperature, were 
determined by measuring temperature and salinity with a Sea-Bird SBE 38 and Sea-Bird SBE 
45 along the transect and averaged into 0.5 km bins (Figure 2.2). A horizontal temperature 
and salinity profile of each voyage was drawn with R 4.0.3 (R Core Team 2020). To 
determine water mass boundaries for each voyage, we looked at temperature and salinity 
gradients across the transect using R 4.0.3 and the packages EcotoneFinder with fuzzy 
clustering for four a priori groups (neritic, sub-tropical, front, and sub-Antarctic) (R Core 
Team 2020; Bagnaro 2021). Based on the delineation of the water masses from clustering, we 
assigned water mass to the data, so that we could determine how biodiversity varied between 
water mass regions (Supplementary Figure 8.1 and Supplementary Figure 8.2). The “mixed” 
water mass occurs when there is no apparent difference between the neritic and subtropical 
water masses, probably due to a mixing process (Jones et al. 2013). Differences between each 
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voyage were examined with permutational analysis of variance (PERMANOVA) and 




Figure 2.2. Salinity (PSU) (in blue lines) and temperature (oC) (in orange lines) mapped as 
distance from shore during the two different sampling days. Each water mass is boxed 
according to water mass assignment; red is neritic, orange is mixed, yellow is sub-tropical, 
green is the Southland Front, and blue is sub-Antarctic. Mixed water is a mix between neritic 
and sub-tropical water. Samples taken on 2 February 2017 presents a more “typical” profile 
with low inshore salinity and lower temperatures further offshore, especially a drop at the 
front, whereas samples from 23 February 2017 present a more complex profile.  
 
2.2.3 eDNA sampling 
 
Prior to field and laboratory work, we sterilized all equipment and bench spaces with a 10-
minute exposure to 10% bleach solution (Prince & Andrus, 1992). We rinsed all sampling 
bottles (2L, HDPE Natural, EPI Plastics) twice with ultrapure water, submerged in 10% 
bleach for 10 minutes, and rinsed twice again with ultrapure water. All laboratory work prior 
to amplification was performed in a dedicated eDNA PCR-free clean laboratory at the 
University of Otago, Department of Zoology. 
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We monitored contamination by including negative controls at each step. Sampling controls 
consisted of two 2 L bottles containing 500 mL ultrapure water (UltraPureTM Distilled 
Water, Invitrogen) DNA capture controls were added by filtering 500 mL ultrapure water, 
and DNA extraction controls consisted of 500 µL ultrapure water. We processed all negative 
controls alongside the samples. 
  
The Munida transect was sampled twice for eDNA analysis, during voyages on the 2nd and on 
the 23rd of February 2017. We refer to each voyage by date for analyses. For each date, we 
collected five 2L replicate samples at eight stations covering four oceanic water masses 
(neritic, sub-tropical, front, and sub-Antarctic). Samples were collected from the ship 
scientific water supply at a depth of about 2 meters. At the easternmost station of the transect 
(station 8), we took an additional five 2L replicate water samples from Nisken bottles at a 
depth of 955 meters and 898 meters (2 February and 23 February, respectively) resulting in a 
total of 90 samples (Figure 2.1). Niskin bottles have stoppers on each end to ensure that 
seawater is captured at-depth and not contaminated by surface water. Abiotic measurements 
(pH, temperature, salinity – measured with the SeaBird SBE 38 and SeaBird SBE 45) were 
collected along the entire Munida transect on the same voyages.  
 
2.2.4 eDNA filtration and extraction 
 
Sample processing followed the recommendations of Jeunen et al. (2019): briefly, we filtered 
water samples on the same day as sample collection over a 1.2 µm cellulose-nitrate filter 
(CN, WhatmanTM) using a vacuum filtration pump (Laboport®, KNF Neuberger, Inc.) and 
an in-house made filtration manifold. This filter was chosen to capture metazoan animal cells 
without excessive clogging (Jeunen et al. 2019). We rolled filters, cut them into two, placed 
them in two 2 mL LoBind Eppendorf tubes, and stored at -20°C. We extracted DNA from the 
filters using a standard phenol-chloroform-isoamyl DNA extraction protocol (Renshaw et al. 
2015), with modifications described in Jeunen et al., (2019). DNA extracts were stored at -
20°C until further processing. 
  
2.2.5 Library preparation and sequencing 
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Library preparation followed the protocol described in Berry et al. (2017). We used three 
metabarcoding assays (Table 2.1) to describe the fish community (16S-Fish; targeting a 
region of the 16S rRNA gene; Berry et al., 2017), the crustacean community (16S-
Crustacean; targeting a region of the 16S rRNA gene; Berry et al., 2017), and the eukaryotic 
community (COI-eukaryote; targeting a region of the cytochrome c oxidase subunit I gene; 













Fish (16S) Fish16SF/D 5’-GACCCTATGGAGCTTTAGAC-3’ ~200 54 (Berry et al. 2017)  
16S2R 5’-CGCTGTTATCCCTADRGTAATC-3’ 
   
Crustacean (16S) Crust16S_F 5’-GGGACGATAAGACCCTATA-3’ ~170 51 (Berry et al. 2017)  
Crust16S_R 5’-ATTACGCTGTTATCCCTAAAG-3’ 
   
Eukaryote (COI) mlCOIintF 5’-GGWACWGGWTGAACWGTWTAYCCYCC-3’ ~313 51 (Leray et al. 2013)  
jgHCO2198 5’-TAIACYTCIGGRTGICCRAARAAYCA-3’ 











Prior to library preparation, we measured DNA concentrations for each sample on a Qubit 
fluorometer (ThermoFisher Scientific), and input DNA for each sample was optimized using 
a dilution series (neat, 1/10, 1/20) to identify inhibitors and low-template samples (Murray et 
al. 2015). Amplification was carried out in 25 µL reactions, prepared with 1x Taq Gold 
buffer (Applied Biosystems [ABI], USA), 2 mmol/L MgCl2 (ABI, USA), 0.4 mg/mL BSA 
(Fisher Biotec, Australia), 0.25 mmol/L dNTPs (Astral Scientific, Australia), 0.4 µmol/L of 
each primer (Integrated DNA Technologies, Australia), 0.6 µL of 1/10,000 SYBR Green dye 
(Life Technologies, USA), 1 U of Taq polymerase Gold (ABI, USA) and 2 µL of DNA. 
qPCR conditions included an initial denaturation step at 95°C for 5 minutes; followed by 50 
cycles of 30 seconds at 95°C, 30 seconds at 51-54°C (see annealing temperatures in Table 
2.1), 45 seconds at 72°C; and a final extension of 10 minutes at 72°C. 
  
We used a one-step amplification protocol for library building using fusion primers, which 
contained a modified Illumina sequencing adapter, a barcode tag (6-8 bp in length) and the 
template-specific primer. We amplified each sample in duplicate and assigned a unique 
barcode combination to allow pooling of samples post-qPCR. Cycling conditions for qPCR 
followed the amplification protocol described above. We pooled qPCR duplicates of each 
sample together to reduce stochastic effects from PCR amplification. Then, we pooled 
samples to approximately equimolar concentrations based on end-point qPCR fluorescence 
and quantification on a LabChip GX Touch 24 (PerkinElmer, USA) to produce a single DNA 
library. We spiked negatives into the library to allow for optimal concentration of the library. 
We size-selected the resulting library using a Pippin Prep (Sage Science, USA) and purified 
with Qiagen’s QIAquick PCR Purification Kit (Qiagen GmbH, Hilden, Germany) prior to 
final library quantitation on a LabChip and Qubit. We sequenced the library on an Illumina 
MiSeq® (300 cycle, single-end for both 16S assays; and 500 cycle, paired-end for the COI 
assay), following the manufacturer’s protocols, and spiked with 10% PhiX to minimize issues 
associated with low-complexity libraries. 
 
2.2.6 Sequence analysis 
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We paired the COI-eukaryote sequencing reads with PEAR v 0.9.11(Zhang et al. 2014). The 
single-end 16S-Fish and 16S-Crustacean reads did not require pairing. We used Obitools 
v1.01.22 (Boyer et al. 2016) to demultiplex reads with ngsfilter allowing for only one error 
for matching primers and then used obigrep to perform length filtering. 16S-Crustacean reads 
were filtered for 155-175bp, 16S-Fish reads were filtered for 190-230 bp, and COI reads 
were filtered for 290-320bp. Samples were filtered for a maximum estimated error rate of 1 
per 100 bases (maxEE=1) and a minimum operational taxonomic unit (OTU) size of 10 with 
USEARCH 11.0.667 (Edgar 2010). The USEARCH tool unoise3 was used to perform error-
correcting denoising of all sequences, produce OTUs, and built a frequency table by mapping 
reads of each sample to the OTUs (Edgar 2010, 2016). OTU sequences and the OTU table 
were imported into Qiime2 v 2020.8 (Bolyen et al. 2019) for taxonomy classification. We 
chose the curated Midori databases for assigning COI, 16S-Crustacean and 16S-Fish 
sequences (Machida et al. 2017; Leray et al. 2018).  
 
2.2.7 Taxonomy 
To construct the database for each gene region, the Qiime-formatted UNIQ sequences for 
each gene were downloaded from the Midori Reference 2 mitochondrial database 
(http://www.reference-midori.info/index.html, version GB239), then the fasta and taxonomy 
files were imported into Qiime2 v 2020.8,(Bolyen et al. 2019). The extract-reads tool of the 
feature classifier plugin (Bokulich et al. 2018) was first used to subset each unique haplotype 
around the primer sequences (once for COI, and separately for each primer set of lrRNA). 
After extracting, reads were dereplicated by taxon using the DerepByTaxonomy.py script of 
the Metacurator software (Richardson et al. 2020). For machine learning taxonomy 
classification, the sequences for each gene region were then trained using the data with the 
fit-classifier-naïve-bayes tool.  
 
2.2.8 Statistics for community characterization 
 
We analyzed community composition and spatial distribution obtained from eDNA 
metabarcoding qualitative presence-absence (Jaccard) distances for genus-level taxonomy 
datasets using the phyloseq, vegan, ggplot2, and dplyr packages for R v4.0.2 (McMurdie and 
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Holmes, 2013; Oksanen et al., 2020; R-project.org; Wickham et al., 2019). While there is 
discussion about whether the signal obtained from metabarcoding datasets reflects true 
organismal abundance (Yates et al. 2019), we attempted to minimize this distortion with a 
one-step amplification approach when building libraries and using Jaccard (presence-
absence) distance measurements for ordinating biodiversity (Sickel et al. 2015; Kelly et al. 
2019). Jaccard distance does not consider abundance, so it has the potential to ameliorate 
potential PCR overamplification. The dataset, which incuded all three primers, was analyzed 
at the OTU level and the genus level to determine if OTUs gave higher resolution. Non-
metric multidimensional scaling (nMDS) ordinations were made to graphically represent 
community level data at the OTU and genus-levels. We further characterized community 
differences using OTUs and genus-level taxonomic assignments with a permutational 
multivariate analysis of variance (PERMANOVA), followed by a test of multivariate 
dispersions (PERMDISP) to determine if significance of the PERMANOVA was a result of 
community heterogeneity instead of location. In cases where heterogeneity of community 
was significant, i.e., the water mass’s community composition spread from the centroid were 
unequal between communities, principal coordinate analysis (PCoA) plots using binary 
Jaccard distance were made to visualize community dispersion. The PERMANOVA and 
PERMDISP tests were run to find differences in community composition between 2 February 
and 23 February, surface water communities according to water mass, and sub-Antarctic 
surface-depth comparison.  
 
An indicator species analysis was run using the R package indicspecies for each sampling 
day (Cáceres and Legendre 2009; Cáceres et al. 2020). We used the multipatt “IndVal.g” 
function over 10,000 permutations, specifying water masses and not using combinations of 
water masses. P-values for species were adjusted with a Bonferroni correction. Additionally, 









2.3.1 Sequencing results and taxonomic diversity 
 
After quality filtering and taxonomic assignment, the final dataset yielded 11,957,208 reads 
and 1,262 OTUs for all molecular assays, with 4,659,418 reads and 33 OTUs for the fish 
(16S) assay; 3,093,889 reads and 19 OTUs for the crustacean (16S) assay; and 4,799,341 
reads and 1211 OTUs for the Leray COI assay. A total of 77 genera, covering 66 families and 
11 different phyla were identified, including Arthropoda, Chordata, Cnidaria, and Mollusca 
(Supplementary Table 1 and Supplementary Table 2). The mean ± standard deviation number 
of reads per sample was 132,857.9 ± 224,253.1, with a median of 66,082.5 reads per sample 
for the combined dataset. For the separate datasets, the COI dataset had a median of 54,176 
reads per sample with mean ± standard deviation of 53,326.01 ± 14,263.42 reads. The 16S 
crustacean dataset had a median of 8,837 reads per sample with mean ± standard deviation of 
37,730 ± 199,438.1 reads. The 16S fish dataset had a median of 20,852 reads per sample with 
a mean ± standard deviation of 77,656.97 ± 143,938.0 reads. A single read of Bathycoccus 
prasinos, a common picoplankton found in all but one sample, appeared in both controls. 
 
2.3.2 Delineation of waters and the difference between voyages 
 
We delineated the different water masses along the Munida transect for each day. Given the 
patterns of temperature and salinity for each time point on the first day, 2 February 2017, our 
clustering identified neritic, sub-tropical, Southland Front (front), and sub-Antarctic water 
(Supplementary Figure 8.1). However, water mass assignments were less certain during the 
second sampling date, 23 February 2017, leading us to consider stations two through six 
(inclusive) as a “mixed” water type—a mix between neritic and sub-tropical water masses 
(Supplementary Figure 8.2). This mixed water mass was additionally supported by 
concentrations of nitrogen and chlorophyll a, which showed little change at these stations 
until the front water boundary was reached (Supplementary Figure 8.3 and Supplementary 
Figure 8.4).  
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Temporal differences were examined by PERMANOVA, showing each voyage had different 
surface biodiversity overall (adonis: F1,79=10.402; p < 0.001), which was not due to 
heterogeneity within each biological community (permdisp betadisper: F1,79=0.0099, 
p=0.9212). This was also supported by a PCoA visualization (Figure 2.3). Differences in 
transect salinity and temperature across each day caused us to analyze biological community 





Figure 2.3. Principal coordinate analysis (PCoA) visualization showing the differences in 
community OTUs between sampling days 2 and 23 February 2017. Different colors indicate 




2.3.3 Surface-level communities across voyages 
 
We analyzed biological community structure for surface water masses separately for each 
voyage, 2 and 23 February 2017, because of the temporal salinity and temperature 
differences. Water mass communities were analyzed at the level of individual OTUs and then 
again after the OTUs were grouped by assigned genus.  
 
2.3.3.1 2 February 2017 community biodiversity 
 
The composition of biological communities varied according to water mass, following a 
shore to sub-Antarctic gradient. The differences between water masses were more 
pronounced at the OTU level than genus-level. At the OTU level, a gradient of community 
structure could be seen from a non-dimensional scaling (nMDS) ordination plot with 
different water masses grouping together, especially for communities close to shore, e.g., 
neritic and sub-tropical water mass communities (Figure 2.4 A). Water mass likely had a 
significant effect on community structure (adonis: F3,39=37.53, p < 0.001) although this 
difference could be attributed to heterogeneous dispersal within the community (betadisper: 
F3,39=37.53, p<0.0001) (Figure 2.4 C). For communities assigned to genus-level taxonomy, a 
similar pattern emerges (Figure 2.4 B) but is less significant (adonis: F3,39=10.62, p<0.001; 
betadisper: F3,39=5.39, p<0.004) (Figure 2.4 D). A PCoA (Figure 2.4 D) showed differences 
in community structure of each water mass, except for the front community structure, which 




Figure 2.4. Non-metric multidimensional scaling (nMDS) ordination plot (A and B) and 
principal coordinate analysis plots (C and D) using Jaccard distance of OTU diversity (A and 
C) and genus-level diversity (B and D) by sample for the first day of sampling, 2 February 
2017. Colors indicate station sampled whereas shape indicates water type. Water types 
generally group together. 
 
2.3.3.2 23 February 2017 community biodiversity 
 
A gradient of biological community structure across surface water masses in both OTU-level 
diversity and genus-level taxonomic diversity was also evident for the second sampling day. 
At the OTU level, the neritic water mass communities could be distinguished from the mixed 
water mass communities, of which the latter grouped together according to sample in an 
nMDS plot (Figure 2.5 A). Similar to the first sampling day, a difference between community 
was found (adonis: F3,39=10.545, p<0.001), with dispersal heterogeneity (betadisper: 
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F3,39=51.211, p<0.001) (Figure 2.5 C). A PCoA indicated that neritic and mixed communities 
are separate from other communities, while front and sub-Antarctic water communities are 
similar (Figure 2.5 B). Communities assigned to genus-level taxonomy showed similar 
patterns, but less clear community structure for mixed water masses and an overlap between 
sub-Antarctic and front water mass communities (adonis: F3,39=12.886; p<0.001; betadisper: 
F3,39=4.72, p<0.01) (Figure 2.5 D). These genus-level patterns mirror those at OTU-level 
(Figure 2.5). Patterns of community diversity in mixed and neritic water masses are different 
from each other and those in front and sub-Antarctic water masses. Despite uncertain water 
mass assignment, the mixed water mass communities could be distinguished from neritic 




Figure 2.5. Non-metric multidimensional scaling (nMDS) ordination plot (A and B) and 
principal coordinate analysis plots (C and D) using Jaccard distance of OTU diversity (A and 
C) and genus-level diversity (B and D) by sample for the second day of sampling, 23 
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February 2017. Colors indicate station sampled whereas shape indicates water type. Water 
types generally group together. 
 
2.3.4 Community variability at depth compared to surface waters 
 
We found differences in biological community between sub-Antarctic surface water and 
water taken at depth for both days. A PCoA visualization showed little overlap of OTU 
diversity between surface and depth samples (Figure 2.6). An nMDS analysis could only be 
completed at the genus-level, due to OTU-level taxa dissimilarity between surface and depth 
community (Figure 2.7). Communities in sub-Antarctic surface water differed significantly 
from those in deep water at OTU (adonis: F1,19=10.02, p<0.001; permdisp: F1,19=35.704, 
p<0.0001) and genus levels (adonis: F1,19=12.69, p<0.001; permdisp: F1,19=43.51, p<0.0001), 
with no overlap between the two different water masses despite heterogenous biological 





Figure 2.6. A principal coordinate analysis (PCoA) plot of OTU-level diversity at the sub-





Figure 2.7. A non-metric multidimensional scaling plot (nMDS) of genus-level diversity at 
the sub-Antarctic surface (blue circles) and depth (dark purple). Both sampling dates are 
shown, the first as circles and the second as triangles. 
2.3.5 Indicator species and taxa of interest  
 
Most species identified as indicators of water mass were planktonic taxa ( 
Table 2.2). Only a few multicellular metazoans were identified as indicator species. One 
metazoan indicator species in neritic water was Nyctiphanes krill, while Euphausia krill were 
more indicative of sub-tropical waters (Brewin 1951; Bartle 1976; McClatchie et al. 1991). 
Copepods (Oithona) were detected in sub-tropical and mixed water masses (Jillett 1976). On 
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the second sampling day, mantis shrimp (Heterosquilla) drove the diversity of neritic 
communities. The second day also yielded the medusa Sphaeronectes as an indicator species 

















Micromonas pusilla   0.0249 Costal water nanoflagellate (Thomsen and Buck 1998; Not et al. 2004) 
Pycnococcus provasolii  0.0083 Coastal seawater (Guillard et al. 1991) 
Ascidia ahodori Tunicate 0.0083 Larvae in neritic waters (Jillett 1976) 
Heterocapsa rotundata  0.0083 Coastal estuaries (Ansotegui et al. 2003)  
Dolichomastix tenuilepis  0.0083 Costal marine environments (Rockwell et al. 2014) 
Cymbomonas 
tetramitiformis  0.0083 Coastal marine environments (Backe-Hansen and Throndsen 2002) 
Rhodospirillaceae 
bacterium  0.0083 Coastal waters (Li et al. 2011); neritic waters (Baltar et al. 2016) 
Candidatus Pelagibacter sp.  0.0083 Coastal waters (Li et al. 2011) 
Heterocapsa triquetra  0.0083 Neritic waters (Balkis 2003) 
Mantoniella squamata  0.0083 Wide ranging, including Antarctic waters (Marchant et al. 1989) 
Nyctiphanes australis Krill 0.0332 Neritic krill (Jillett 1976) 
Sub-
tropical 
Oithona similis Copepod 0.0083 Usually neritic copepod (Jillett 1976) 
Emiliania huxleyi  0.0498 Found in coastal waters (Rhodes et al. 1995) 
Dictyocha speculum  0.0166 Coastal waters (Li et al. 2011) 
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Pseudochattonella farcimen  0.0083 Coastal waters (Naustvoll 2010) 
Teleaulax amphioxeia  0.0166 Coastal waters (Yoo et al. 2017) 
Pseudonitzschia bipertita  0.0083 Coastal waters (Teng et al. 2016) 
Phaeocystis globosa  0.0166 Coastal estuaries (Ansotegui et al. 2003)  
Skeletonema dohrnii  0.0083 Temperate coastal waters (Kooistra et al. 2008) 
Euphausia lucens Krill 0.0083 Oceanic krill (Bartle 1976) 
Front Cylindrotheca closterium   0.0083 Found in sub-Antarctic waters (Chang et al. 2013) 
Sub-
Antarctic 
Emiliania sp.   0.0083 Found in Sub-Antarctic waters (Rigual-Hernández et al. 2020) 
Pseudonitzschia sp.  0.0083 Found in sub-Antarctic waters (Chang et al. 2013) 
Phaeocystis antarctica   0.0083 
Found in sub-Antarctic waters (Chang et al. 2013), found in Front and 
sub-Antarctic waters previously in the Munida Transect (Allen 2019) 
Depth 
Hematodinium sp.  0.0083 Parasitic dinoflagellate (Small et al. 2012) 
Kareniaceae dinoflagellates   0.0083 




Bathycoccus prasinos   0.0072 Wide-ranging, but ususally at-depth (Eikrem and Throndsen 1990) 
Micromonas pusilla  0.0072 Costal water nanoflagellate (Thomsen and Buck 1998; Not et al. 2004) 
Pycnococcus provasolii  0.0072 Coastal seawater (Guillard et al. 1991) 
Ascidia ahodori Tunicate 0.0072 Larvae in neritic waters (Jillett 1976) 
Phaeocystis globosa  0.0072 Coastal waters (Schapira et al. 2008) 
Nyctiphanes australis Krill 0.0072 Neritic krill (Jillett 1976) 
Heterosquilla tricarinata Mantis shrimp 0.0216 Neritic waters (Paavo et al. 2012) 
Mixed Oithona similis Copepod 0.0072 Usually neritic copepod (Jillett 1976) 
Emiliania huxleyi  0.0072 Found in coastal waters (Rhodes et al. 1995) 
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Minutocellus polymorphus  0.0072 Everywhere but sub-Antarctic waters (Allen 2019) 
Dictyocha speculum  0.0072 Coastal waters (Li et al. 2011) 
Pseudochattonella farcimen  0.0072 Coastal waters (Eikrem et al. 2009; Chang et al. 2013) 
Paracalanus sp.  0.0072 Subtropical waters (Robertson et al. 1988) 
Heterocapsa rotundata  0.0072 Coastal estuaries (Ansotegui et al. 2003)  
Cymbomonas 
tetramitiformis  0.0072 Coastal marine environments (Backe-Hansen and Throndsen 2002, p.) 
Chaetoceros sp.  0.0216 Coastal, neritic waters (Balkis 2003) 
Candidatus Pelagibacter sp.   0.0072 Coastal waters (Li et al. 2011) 
Front Emiliania sp.   0.0072 Found in Sub-Antarctic waters (Rigual-Hernández et al. 2020) 
Phaeocystis antarctica   0.0072 Found in sub-Antarctic waters (Chang et al. 2013) 
Sub-
Antarctic none       
Depth 
Sphaeronectes gracilis Nectophore 0.0072 Generally epipelagic (Palma and Silva 2004) 
Hematodinium sp.  0.0072 Parasitic dinoflagellate (Small et al. 2012) 




No fish species defined any particular water mass. However, we found evidence of fish 
taxa throughout the Munida transect (Table 2.3). Our assays detected species such as 
the porbeagle shark (Lamna nasus) and the ocean sunfish (Mola mola), although their 
presence was only detected in one replicate for porbeagle shark and two replicates for 
ocean sunfish. Our at-depth sample and some sub-Antarctic water samples identified 
deep-sea taxa such as lanternfish (Protomyctophum, Myctophidae), snaggletooth 
(Rhadinesthes), and smoothtongue (Leuroglossus) fishes. The greatest number of fish 
reads were assigned to the slender tuna (Allothunnus fallai), which was found across all 




Table 2.3. Table of fish identified during the Munida transect, disaggregated by day and water type. “Likely taxa” indicates which species may 
have been present given taxonomic identification and ecology, however, because databases are incomplete, scientific name may not indicate the 
most likely species (e.g. blue cod) found in the area. Percentages indicate how many replicates from each water type came back positive for the 
day and the values given in the column names are the numbers of replicates taken in each water type. 
 
Scientific name ID'd 
from database 
Likely taxa 
























 Allothunnus fallai  Slender tuna 100.00% 100.00% 40.00% 46.67% 20.00%   12.00%       
 Thyrsites atun  Barracouta 40.00% 20.00% 
 
13.33% 20.00% 20.00% 4.00% 
  
  
 Mola mola  Ocean sunfish   
   









13.33% 40.00%   4.00% 
 
20.00%   
 Rhadinesthes decimus  Slender 
snaggletooth 
  
   
    
   
60.00% 
 Brama australis  Southern bream   
  
20.00% 20.00%   
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 Notolabrus fucicola  Banded wrasse 20.00% 
   
40.00%   
   
  




    4.00% 
  
  
 Brama brama  Ray's bream   
   
20.00%   4.00% 
  
  
 Trachurus japonicus  Mackerel, not 
Japanese mackerel 
60.00% 
   
    
   
  
 Sprattus antipodum  Sprat, S. mulleri 
more common 
40.00% 
   
    
   
  
 Trachurus symmetricus  Mackerel, unclear 
which 
40.00% 
   
    
   
  
 Gnathophis bathytopos  Conger eel 20.00% 40.00% 
  
    
   
  
 Seriolella brama  Blue wharehou   10.00% 20.00% 
 
    
   
  
 Lampanyctodes hectoris  Hector's lanternfish   10.00% 
 
33.33% 20.00%   12.00% 
  
  
 Forsterygion lapillum  Triplefin 60.00% 20.00% 
  
20.00%   
   
  
 Parapercis allporti  Likely blue cod (P. 
colias) 
  10.00% 
  
    
   
  
 Lamna nasus  Porbeagle shark   
  
6.67%     
   
  
 Latridopsis forsteri  Moki, likely blue 
(common) or copper 
(rare) 




Our environmental DNA survey detected differential marine community biodiversity 
along the Munida Transect. Using three eDNA assays, we were able to detect multiple 
taxa across four different water masses on two different dates. Our results provide 
snapshots of biodiversity for each day. Community diversity differed temporally, 
indicating our samples capture part of all possible taxa for each location. The results 
support that community composition may vary with time and sampling ability (Bista et 
al. 2017; Djurhuus et al. 2020).  
 
2.4.1 How did surface level communities compare across water masses? 
 
We detected different community composition along the transect in accordance with 
water masses and distance from shore. Different trophic levels were identified with our 
eDNA approach, ranging from planktonic eukaryotes to large pelagic fish. A neritic to 
sub-Antarctic water mass gradient was confirmed by sampling community composition 
across different stations in different water masses (Allen et al. 2020; Bagnaro et al. 
2020). Overall, OTU-level diversity was a better descriptor of each water mass than 
genus-level diversity, as genus-level patterns were less robust but still evident (Agogué 
et al. 2011; Martiny et al. 2015). Potentially, OTUs could differentiate species within 
the same genus for some taxonomic clades, providing higher taxonomic resolution, but 
databases were incomplete. Heterogenous dispersal of each observed biological 
community may have been driven by sampling near water mass transitions, as these 
areas tend to present communities composed of taxa from both water masses (Bagnaro 
et al. 2020). For example, sample two on day one was close to the transition between 
sub-tropical and neritic waters, and observations from this sample showed biological 
similarity to both neritic and subtropical samples (Figure 2.4). These community 
diversity results reflected previously reported biological gradients and added the 
identification of multicellular metazoans (Jillett 1976; Allen 2019; Meyers 2020).  
 
The multicellular metazoans which drove diversity were often planktonic (Table 2.2). 
For example, this study confirms previously reported Ascidia tunicate and Nyctiphanes 
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krill presence as indicative of neritic waters (Jillett 1976; Murdoch 1989). Surprisingly, 
we found Oithona copepods in our sub-tropical and mixed water samples, despite 
usually being found in neritic waters (Jillett 1976). Copepods found in this study in an 
adjacent water mass could have been due to oceanic currents, time of year, and 
presence of small (10-25 um), motile prey (Murdoch 1989; Atkinson 1995; Allen et al. 
2020). However, these small prey items may not have been collected in our survey due 
to the large pore size of our filters (Oghenekaro et al. 2018). Other studies have more 
fully described how planktonic bacteria, protists, and single-cell eukaryotic 
communities differentiate according to water mass (Baltar et al. 2016; Morales et al. 
2018; Allen et al. 2020). Taxa that cannot actively swim are more likely to rely on 
oceanic currents and water masses for movement, which could explain why planktonic 
taxa, and not larger free-swimming taxa, correlate with water mass despite targeted 
sampling for fish and crustaceans. 
 
The second voyage on sampling day 23 February 2017 showed a different distribution 
of water pattern identified by water chemistry and temperature patterns (Figure 2.2). 
Biological communities identified from eDNA separated according to water mass for 
neritic and mixed water biological signals, similar to the first sampling day. This was 
likely due to planktonic communities driving diversity. Mantis shrimp (Heterosquilla) 
was identified as an indicator species on the second sampling day as well, which is 
consistent with the known ecology of this benthic species (Greenwood and Williams 
1984; Paavo et al. 2012). Community composition between front and sub-Antarctic 
communities did not seem to differ on day two, with no indicator species identified for 
the sub-Antarctic water mass. For microbial communities, presented as OTUs in our 
data, we would expect planktonic communities to be driving community differences 
between front and sub-Antarctic water masses (Baltar et al. 2016; Clayton et al. 2017; 
Raes et al. 2018). Microbial community differences across the front and sub-Antarctic 
water, along with seasonal changes, is documented elsewhere (Allen et al. 2020; 
Bagnaro et al. 2020). We do not capture this difference with metazoans. This study 
targeted multi-cellular eukaryotic communities (large pore sizes of the filter may not 
capture small, free-floating bacterioplankton) and larger pelagic organisms may easily 
swim between front and sub-Antarctic water masses. Metazoan homogeneity is 
consistent with larger-scale findings across the southern coast of South Africa, where 
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human-mediated metazoan communities were not significantly different, but bacterial 
communities differed across the southern coast (Holman et al. 2021). Future work 
should focus on planktonic metazoan diversity across this gradient (Brewin 1951; 
Morales et al. 2018; Berry et al. 2019). More sampling across seasons is needed to 
confirm and add to our community diversity results, as these two days represent only a 
snapshot of metazoan biodiversity for two timepoints in the late summer. 
 
2.4.2 Metazoan community differences between surface and depth 
 
As expected, at-depth community composition differed from surface water community 
composition. Fish species were detected with eDNA methods. Snaggletooth 
(Rhadinesthes) was found only at depth, as expected (Flynn and Pogonoski 2012). 
Evidence of lanternfish (Lampanyctodes) and smoothtongue (Leuroglossus) were also 
present at depth, although surface-level eDNA detection could indicate vertical 
migration or fecal traces from predators (Isaacs et al., 1974). Surface presence of 
lanternfish is not unexpected as their vertical migration patterns have been documented, 
and they have been found in the diet of predatory fur seals off the coast of Otago 
(Robertson et al. 1978; Harcourt et al. 1995). Our mesopelagic (deep water) 
communities were more variable than those in surface water (Jillett 1969; Clayton et al. 
2017). The paucity of total eDNA from deep water could indicate limited eDNA 
capture, yielding stochastic taxonomic results. Different results between days could 
also have been due to slightly different sampling locations on either day (Figure 2.1) or 
differences in sinking particles (Mestre et al. 2018). Finally, we suspect false positives 
in at least three depth samples, despite clean negatives, from triplefin (Forsterygion), 
slender tuna (Allothunnus) and barracouta (Thyrites) due to there being one DNA read 
per species of each in at-depth replicates for day one. However, we cannot rule out 
surface presence, predators eating and defecating prey, or DNA from dead organisms, 
in our eDNA samples (Miller 2015; Guilfoyle and Schultz 2017; Mestre et al. 2018). 
These current limitations are likely to be mitigated with increased sampling effort. Our 
results highlight the need for repeated and more intense sampling across seasons, 
especially for understudied areas such as the deep seas.  
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2.4.3 The importance of multi-day sampling for multicellular metazoan animals 
 
We find evidence to support the need for multi-day sampling when targeting 
multicellular metazoans. Some animals, including mantis shrimp (Heterosquilla sp.) 
and ocean sunfish (Mola sp.) were only identified from eDNA on one day. Likely our 
sampling only identified a fraction off all potential biodiversity present on the day. 
Samples were limited to 10 L of total water volume at each station, and these volumes 
of water likely do not contain sufficient eDNA of all animal taxa in the water mass. 
Increasing water volume sampled generally increases species detected (Hunter et al. 
2019). Furthermore, eDNA dilutes and degrades in marine water quickly (Jeunen et al. 
2018; Murakami et al. 2019). Infrequent and inconsistent sampling may miss pelagic 
species that only transverse the Otago coast occasionally. Furthermore, eDNA shows 
exponential decay in marine systems, with eDNA copies/L approaching zero within 24 
to 48 hours (Collins et al., 2018). For example, rare sightings of cetaceans have 
occurred off the coast of Otago, but no sightings occurred during the these two voyages 
(Hawke 1989). In addition to samples taken during this month, it is well documented 
that seasonality plays a large role in the taxa sampled across the Munida transect, as 
water masses are highly variable throughout the year (Jones et al. 2013; Morales et al. 
2018; Berry et al. 2019). A more complete eDNA picture of metazoan community 
composition of the Munida transect would be obtained by repetitive, seasonal sampling, 
including night-time sampling, for future eDNA sampling in the pelagic environment.  
 
2.4.4 Database considerations and missed taxa 
 
Like all eDNA metabarcoding studies, we rely on taxonomic databases for OTU 
identification. The paucity of reference sequences (eg. 16S rRNA), especially for the 
understudied Southern Ocean, likely failed to identify some taxonomic diversity simply 
because it is unknown (Costello 2015) or undocumented (Weigand et al. 2019). Genetic 
sequences for every taxon for a particular assay may not have been sequenced, 
deposited, or well-curated and assays may have different databases of sequences 
(Weigand et al. 2019; Schenekar et al. 2020). For example, blue cod (Parapercis 
colias) is a fish common to local waters, yet there are no 16S sequences for this species 
in GenBank as of 18 Jan 2021. A similar cod, P. allporti, was detected, but its 
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distribution is in Australia, not the southern east coast of New Zealand (Maxwell 1980). 
To help mitigate these issues, genus-level identification was used rather than species-
level, but until these gaps in taxonomic databases are filled, we recommend eDNA 
tools be used in conjunction with traditional sampling methods (e.g., trawls, plankton 
nets, baited underwater video) to fully characterize community composition (Stat et al. 
2019). 
 
2.4.5 Overall conclusions 
 
Environmental DNA signals were able to identify different biological communities 
within different water masses across the Munida transect for two sampling days. Neritic 
and sub-tropical water communities could be distinguished in our first sampling day, 
and communities could be characterized even when neritic and sub-tropical water 
masses were mixed on the second day (Jones et al. 2013). The Southland Front and 
sub-Antarctic water masses shared similar metazoan biological communities, although 
the communities could only be distinguished at OTU level in samples taken on the first 
day. Water samples taken at depth showed different community composition compared 
to those taken from surface water. Finally, we highlight the importance of multi-day 
sampling as communities and genus composition detected with the use of eDNA 
methods may change rapidly, even over a period of weeks or shorter. Given the historic 
seasonal sampling of the Munida transect, it is imperative to complete seasonal eDNA 
analyses for a more fully characterized community diversity of the Otago coastline. As 
databases continue to improve, eDNA methodology remains a promising tool for 
broad-scale sampling of biological communities. 
 
2.4.6 Importance to thesis 
 
Environmental DNA metabarcoding surveys have become well-established in the 
literature for surveying biodiversity, especially for fish. By identifying megafaunal 
eDNA signal within each water mass, we contributed to a long-standing series of 
transects, the Munida Time Series, adding to documented metazoan biodiversity. Our 
research can help provide megafaunal biodiversity snapshots for future sampling.  
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While biologists may comfortably identify a snapshot of some genus-level biodiversity 
using eDNA, we use this knowledge to ask if we can focus in on a single, well-studied 
species’ population genetic variation with our eDNA techniques. The same principles 
of eDNA methodology demonstrated in this chapter apply to population-level genetic 
techniques. Examining genetic variability remains a key aspect of eDNA, further 
explored throughout this thesis. At a broader scale, the change in eDNA communities 
between different sampling locations, shown here across the Munida transect, is further 
demonstrated at the population level in Chapter V. The next chapter explores how 
estimates of population-level genetic diversity may be obtained under ideal laboratory 
conditions. 
 
2.4.7 Contribution to this chapter 
 
This chapter was borne out of COVID-19 uncertainty. The initial study design, 
collection of samples, and processing of samples was done by GJJ, advised by Michael 
Bunce and Michael Stat. HC and GJJ advised CIMA on data analysis and HC helped 
with database building for taxonomy assignment. Data analysis besides taxonomy 
assignment and writing was done by CIMA, except for some of the laboratory methods, 
which were initially drafted by GJJ. Funding was secured by NJG. Kim Currie allowed 
us on to the voyages and reviewed writing. CH advised on marine fauna likely to be 
found off the Otago Coast. Antoine Bagnaro advised on clustering water masses based 
on salinity and temperature and Lara Urban advised on indicator species analyses. HT, 
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Understanding population genetics is imperative for conservation and management 
purposes. Recent developments in non-invasive environmental DNA (eDNA) 
techniques allows for extracting organismal DNA from environmental samples such as 
water or soil. While eDNA methods can often successfully describe biodiversity at the 
genus or species level, few studies have proven the ability to obtain intraspecific 
diversity and abundance. We developed a controlled laboratory experiment modelling 
how haplotypic ratio abundance may vary according to different concentrations, 
including the low concentrations typical of eDNA samples. We made a mixture of 
haplotypes in a 4:2:1:1 ratio, which was then serially diluted from 107 - 101 copies/µL. 
After PCR and Illumina sequencing, we tested two bioinformatic denoising pipelines 
(DADA2 and unoise3) along with our own direct-assignment HAP pipeline, to 
determine which performed best. We found that concentration had the largest effect on 
haplotype recovery. Furthermore, we found the unoise3 denoising pipeline 
outperformed other pipelines. Haplotype ratio abundance was recovered down to 102 - 
103 copies/µL, but 101 copies/µL yielded stochastic haplotype recovery, with loss of 
less-abundant haplotypes. This study suggests high concentration eDNA samples may 
reflect true haplotypic abundance when amplified. For eDNA population genetics to 









Environmental DNA (eDNA) methods are emerging as a genetic tool to assess 
population genetic variance in a cost-effective, efficient, and accessible way (Evans et 
al. 2017). Environmental DNA samples contain DNA collected non-invasively from 
environmental sources, e.g., water and soil (Taberlet et al. 2018). There is growing 
acceptance of eDNA techniques as a viable biodiversity monitoring tool, because they 
can detect community-level diversity across a wide range of taxa, as well as sensitively 
target species-level presence (Muha et al. 2021; Xia et al. 2021). Since eDNA methods 
are useful non-invasive monitoring tools, attention has turned to testing eDNA 
techniques further to obtain population genetic information (Adams et al. 2019b; 
Sigsgaard et al. 2020). There are, however, challenges for using eDNA methods in 
population genetics research. Environmental samples include multiple individuals, not 
only of the target species but of other species as well (Adams et al. 2019b). Parsing out 
allelic variation from these degraded samples containing multiple individuals is an area 
of active research. Progress on identifying genetic diversity from eDNA samples has 
been made in the field (Marshall and Stepien 2019) and through mesocosm experiments 
(Tsuji et al. 2020b). However, more knowledge of eDNA methodological limitations in 
the population genetic space is needed before such methods can be implemented.  
 
The challenge of identifying separate individuals in eDNA samples remains a problem 
for downstream population genetic statistical analyses. For example, the ability to 
distinguish between heterozygosity and multiple individuals is lost in the environmental 
soup, and questions remain about how well eDNA can reflect true population genetic 
diversity (Adams et al. 2019b). If DNA samples from the environment are fragmented 
or degraded, there is a chance of genetic variation dropping out, and this stochasticity 
has yet to be robustly quantified and compared to true population genetic diversity 
except in a few instances (Marshall and Stepien 2019). Technology is being developed 
for obtaining population-level variation from eDNA using nuclear markers such as 
microsatellites and SNPs, but are not yet broadly accessible yet (Andres et al. 2021). In 
controlled laboratory settings, haplotypes obtained from eDNA water samples have 
been shown to reflect haplotypic variation in fish, but evidence for other species is 
needed (Tsuji et al. 2020b). In the field, mitochondrial haplotypes from eDNA have 
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been obtained for whale sharks (Rhincodon typus), eels (Anguilla sp.), silver carp 
(Hypophthalmichthys molitrix) and harbor porpoises (Phocoena phocoena), among 
other organisms (Sigsgaard et al. 2016; Parsons et al. 2018; Stepien et al. 2019; 
Yoshitake et al. 2019). Additionally, obtaining full mitogenomes shows promise with 
long-range PCR, but this practice is not yet widely used (Deiner et al., 2017b). 
However, the field of eDNA has yet to characterize how eDNA-obtained mitochondrial 
haplotypic variation relates to real population genetic variation, leaving questions about 
the effectiveness of eDNA methods as a tool for obtaining a representative sample of 
true population mitochondrial genetic variation. 
 
To robustly obtain mitochondrial haplotypic variation from eDNA, it is crucial to 
understand the processes used to identify true signal from the noise. The line between 
true low frequency haplotypes and abundant false positives is a fine one and can be 
difficult to distinguish, especially if arising from PCR or sequencing error (Turon et al. 
2019). In PCRs starting with low template concentrations, primers may attach onto one 
DNA molecule at an earlier cycle than another DNA molecule, creating more copies of 
the former strand than the latter (Suzuki et al. 1998). This chance amplification, 
compounded over many cycles, can produce bias especially if PCR cycles allow 
multiple plateau cycles (Kainz 2000). Low-concentration samples are particularly at 
risk of these biases due to less overall starting template (Lee et al. 2012; Ficetola et al. 
2016). Additionally, sequencing platforms are known to produce errors, and have their 
own biases, e.g., homopolymer runs or increased GC content (Jünemann et al. 2013; 
Ross et al. 2013). Amplification and sequencing error may lead to incorrect base calls, 
which can present as rare haplotypes or add noise to the dataset (Anand et al. 2016). 
Bioinformatic tools have a large downstream impact on the discovery of haplotypic 
diversity from eDNA samples (Alberdi et al. 2018; Elbrecht et al. 2018; Turon et al. 
2019; Tsuji et al. 2020b). The use of denoising approaches, which incorporate 
sequencing error rates when examining variation, have been proposed to determine real 
haplotypic variation and discard improbable haplotypes, along with investigating codon 
position entropy (Turon et al. 2019). However, even with developments in 
bioinformatic denoising methods, little is known about which tools perform best for 
intraspecific genetic diversity, especially at varying eDNA concentrations and for 
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different species (Elbrecht et al. 2018). More testing is needed to determine how 
denoising affects eDNA-obtained haplotype ratios. 
 
Given that eDNA samples can contain genetic material from multiple individuals, there 
are clear incentives to develop robust laboratory and statistical methods that allow the 
use of such mixed samples for population genetic analyses. Haplotype ratios are one 
way of describing this mixed genetic variation. In this study, we examine how mtDNA 
haplotype ratios vary with decreasing concentrations of DNA (copies/µL) and the use 
of different bioinformatic pipelines. We quantify estimates of individual mtDNA 
haplotype abundances when diluted down to different concentrations, including eDNA-
relevant concentrations (e.g., 10 copies/µL). In addition, we test two different denoising 
pipelines (dada2 and unoise3) and one novel direct-assignment pipeline, an in-house 
(H)aplotype (A)ssignment (P)ipeline (HAP), to determine how well each of these 
pipelines identify haplotypic ratios compared to a known ratio (Edgar 2016; Callahan et 
al. 2016). We conduct our experiments in a controlled laboratory setting, using artificial 
haplotypes based on a commercially important species, the blackfoot pāua (Haliotis 
iris), as our study organism. We ask: (1) Can we accurately discern mtDNA haplotype 
ratios at the low DNA concentrations expected in eDNA samples? (2) What effect does 
choice of bioinformatic processing pipeline for “denoising” have on this accuracy? (3) 




3.2.1 Model species 
 
Blackfoot pāua are a marine abalone gastropod endemic to New Zealand’s rocky 
coastline. Monitoring interest lies mainly in the pāua fishery, as they are used for both 
meat and their iridescent shell. Blackfoot pāua also have cultural significance for the 
indigenous Māori people of New Zealand and are considered a taonga (treasure) 
species by Māori peoples. Ngāi Tahu, the southern iwi (tribe) owns and manage the 
East Otago Taiāpure, a customary blackfoot pāua fishery.  
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3.2.2 Artificial oligonucleotide design and primer design 
 
For purpose of contamination control, we created five synthetic oligonucleotide 
sequences (“oligos”) based on the mitochondrial cytochrome c oxidase subunit I (COI) 
region of the blackfoot pāua mitogenome (mtDNA) (NCBI: KU310895.1) (Will et al., 
2011). However, we designed these synthetic oligos to be short (136 bp) and carry the 
novel pattern “GATTACA” so as to be distinguishable from real pāua mtDNA (Table 
3.1). To create artificial haplotypic variation within our synthetic oligos, we made two 
arbitrary basepair (bp) changes to each sequence, resulting in five different haplotypes 
(Table 3.1). In addition, we designed primers to amplify these synthetic oligos based on 
the blackfoot pāua mitogenome using Geneious Prime 2020.1.1 
(https://www.geneious.com) (Table 3.2). All DNA, synthetic oligonucleotide 




Table 3.1. Oligo sequences used in this experiment. Differences between the haplotypes 
noted and the synthetic control “GATTACA,” common to all haplotypes, base pairs 60 




Table 3.2. Primers used for this experiment based on the blackfoot pāua (Haliotis iris) 
COI sequence. 
 
Primer Name Primer (5'-3') Tm Reference 
Pāua-CO1S-F 5' CCCTAATAATTGGCGGATTCGG 3' 60 This study 






3.2.3 Experimental setup and laboratory methodology 
 
We carried out this experiment in a dedicated molecular laboratory at the University of 
Otago, Dunedin, New Zealand. Due to working with highly concentrated synthetic 
oligos, all steps were carried out in this post-PCR molecular laboratory, except for the 
preparation of library-forming PCR reactions: these reactions were prepared in a 
dedicated PCR-free eDNA laboratory to avoid contamination. The post-PCR molecular 
laboratory was chosen as a location for mixing synthetic oligo templates due to 
concentrations higher than unamplified eDNA. Sterile hood precautions were taken 
when adding haplotype mixes to PCR reactions due to potential contamination 
concerns by high-concentration PCR products from previous experiments. We 
thoroughly bleached (10%) all bench spaces in both laboratory spaces before work and 
rinsed them with dH2O (Goldberg et al. 2016). In addition, we laid down aluminum foil 
in the post-PCR molecular laboratory to ensure a novel surface with minimal 
contamination.  
 
From a stock concentration of 1x1010 copies/µL, we diluted the synthetic oligos to a 
working concentration of 1x107 copies/µL in the post-PCR laboratory. We then 
prepared the haplotype mixture by diluting and aliquoting the synthetic oligos into a 
4:2:1:1 ratio (50% - 25% - 12.5 % - 12.5%) (Figure 3.1). We serially diluted this 
haplotype mixture to form six different overall concentrations (Table 3.3). We prepared 
negative controls containing only dH2O before mixing the 1x107 copies/µL haplotype 
mixture and after serially diluting to the 1x101 copies/µL haplotype mixture to ensure 
that no contamination was present throughout the experimental setup. We analyzed 





Figure 3.1. A graphical illustration of workflow. (1) Haplotype ratio was mixed at the 
concentration of 1x107 copies/µL. (2) This stock was serially diluted to 1x106 
copies/µL, 1x105 copies/µL, 1x104 copies/µL, 1x103 copies/µL, 1x102 copies/µL, and 
1x101 copies/µL. (3) Ten replicates of each concentration were amplified with 
barcoding primers for a one-step library synthesis. (4) Illumina MiSeq sequencing. (5) 
Bioinformatic analysis to identify haplotypes. 
 
Table 3.3. Number of PCR cycles for each concentration. Each concentration’s cycle 
number was based on qPCR quantification cycle (Cq) and end-point fluorescence. 
 
Concentration Molecule Count Cycle Number  
1 1x107 copies/µL 17 cycles 
2 1x106 copies/µL 22 cycles 
3 1x105 copies/µL 27 cycles 
4 1x104 copies/µL 32 cycles 
5 1x103 copies/µL 37 cycles 
6 1x102 copies/µL 42 cycles 
 
 
* ten replicates each concentration 
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3.2.4 Library preparation 
 
We prepared all library PCR mixtures in a PCR-free eDNA laboratory. Template 
synthetic oligos were added to the PCR mixture in a bleached and dH2O rinsed, UV-
sterilized hood in a post-PCR molecular laboratory. Negative no-template controls 
(NTCs) PCRs were included with all reactions. 
 
We prepared the libraries in a PCR-free eDNA laboratory space using a one-step fusion 
primer protocol (Berry et al 2017, Stat et al, 2017). Each fusion primer carries a 
modified Illumina sequencing adapter, a unique six to eight bp barcode tag, and the 
target-specific primer. Each replicate had a unique dual-index barcode to allow for 
pooling post-PCR. Ten PCR replicates for each concentration were made and amplified 
in duplicate. Thus, there were ten replicates for each concentration. We prepared each 
10 µL reaction mixture as follows: 1x BioLine SensiFAST SYBR Lo-ROX qPCR mix, 
10 µM forward primer, 10 µM reverse primer, 1 µL template, and dH2O to volume. We 
performed PCR thermal cycling conditions as follows: 50°C for 2 minutes, 95°C for 10 
minutes, 95°C for 15 seconds, 60°C for 1 minute, with a melt curve of 95°C for 15 
seconds, ramping down at 1.6°C/second to 60°C and ramping up to 95°C for 15 
seconds at 0.1C/second. The 60°C annealing step, coupled with the 95°C denaturing 
step, varied in number of cycles due to concentration so as not to overamplify 
haplotypes (Table 3.3). No amplification was observed in the NTCs. 
 
After amplification, we pooled replicates together based on quantification cycle (Cq) 
and end-point fluorescence (Table 3.3) and purified with AMPure XP beads (Beckman 
Coulter) according to the manufacturer’s instructions (1.5:1 ratio of beads:qPCR 
product, target amplicon length ~287, selecting for above 200 bp). We analyzed pooled 
replicates with the QIAxcel system (QIAGEN, Hilden, Germany), with a standard 
alignment marker of 15 bp to 3 kb and size marker of 50 – 800 bp, running on program 
OM500. These were then pooled into an equimolar concentration to create the final 
library. We spiked 1µL of negatives into the final pool and ran the final library on the 
QIAxcel using the aforementioned settings. We submitted the library to Otago 
Genomics for 300 cycle, single-end sequencing using Nano MiSeq Reagent Kit v2 
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chemistry, following Illumina manufacturer’s protocols with a 10% PhiX spike to 
minimize low-complexity library issues. 
 
3.2.5 Bioinformatic analyses 
 
3.2.5.1 Demultiplexing, trimming, and filtering 
We demultiplexed the reads using Cutadapt 2.10 (Martin 2011). First, we trimmed the 
custom adapters, then demultiplexed the reads according to the forward barcode. We 
moved each group of forward demultiplexed sequences into a different folder and then 
demultiplexed with Cutadapt 2.10 again by reverse-complementing the sequences with 
setk 1.3 (https://github.com/lh3/seqtk) and reverse barcodes. We then trimmed forward 
and reverse primers off with Cutadapt 2.10, leaving only the 136 bp amplicon (Martin 
2011). Replicates were then filtered with USEARCH 11.0.667 (Edgar 2010) based on a 
strict maximum error allowance of 0.1 with a minimum of 130 bp per read. A strict 
threshold was used since our target sequences differed by only two base pairs. Next, we 





Figure 3.2. A schematic diagram of bioinformatic processing. Replicates for each 
concentration were demultiplexed and trimmed with Cutadapt 2.10, then filtered using 
USEARCH with a strict quality filter for maximum error rates. Sequences were then 
put through one of three pipelines for denoising or identifying sequences. 
 
3.2.5.2 Pipeline #1: dada2 denoising pipeline 
 
We used dada2 1.17.5 (Callahan et al. 2016) in R 4.0.3 (R Core Team 2020) to denoise 
the filtered reads and create an OTU table, using standard settings for the big data 
pipeline, but removing of the filterAndTrim command as sequences had previously 
been filtered and trimmed. We used the learnErrors command to train the denoising 
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machine learning program using 85,540,467 total bases of filtered sequences. We then 
applied this error correction to denoise the reads. After denoising, we created an OTU 
table using the makeSequenceTable command, which consists of counts of each 
haplotype. 
 
3.2.5.3 Pipeline #2: HAP: an in-house (H)aplotype (A)ssignment (P)ipeline  
 
The second pipeline we trialed was an in-house pipeline. Instead of denoising, this 
pipeline maps reads to a single known haplotype to determine variable loci within the 
target amplicon. This in-house pipeline first determines single nucleotide 
polymorphism (SNP) alleles at each variable location within the amplicon. From these 
variable loci and alleles, a list of possible haplotypes can be generated. Then, the 
pipeline assigns the trimmed reads to a haplotype based on the previously determined 
SNP allelic variation. Reads from each replicate were mapped to the determined 
haplotypes to form an OTU table. This was done with two in-house python scripts 
(https://github.com/hughcross/meta_tools). 
 
The first script detects variable regions within the amplicons, given a reference 
sequence. Since sequencing and PCR error produces noise, the goal of the script is to 
identify loci that vary more than would be attributable to noise alone, specified by the 
user explicitly as a minimum minor allele frequency. We tested this approach through 
troubleshooting and identified a frequency of 10% as sufficiently suitable to distinguish 
noise from true variation. We found roughly an order of magnitude difference between 
true variation and background noise. The script (find_haplotypes.py) required an input 
of dereplicated sequences gathered from all replicate files, dereplicated here with 
VSEARCH 2.14.2 (Rognes et al. 2016). A reference sequence was then added to the 
dereplicated output. The dereplicated sequences with the reference file were then 
aligned using MAFFT 7.429 (Katoh and Standley 2013). The script took these aligned 
dereplicated sequences with the reference and identified loci that were more variable 
than the minor allele frequency, noting which bases were at each locus, and output this 
information into two text files. 
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The second script creates a table, similar to an OTU table, of haplotype counts for each 
replicate based on the first script’s output. We mapped reads using BWA 0.7.17 (Li 
2013) to a single reference amplicon haplotype, and then sorted and indexed the 
mapped reads with SAMtools 1.10 (Li et al. 2009). After making a list of replicates 
with indexed reads, we ran the second custom script (haplotype_counts.py) which 
generated haplotypes based on the loci and SNPs in the output from the first custom 
script. This second script also creates a count of each haplotype per replicate, which is 
used as an OTU table. 
 
3.2.5.4 Pipeline #3: USEARCH unoise3 denoising pipeline 
 
The third pipeline we used to denoise sequences and create an OTU table was 
USEARCH 11.0.667’s unoise3 (Edgar 2016). After trimming and quality-filtered reads, 
we dereplicated all reads, requiring a minimum OTU read size of 100. We then ran 
these dereplicated sequences through the unoise3 algorithm to generate haplotypes. An 
OTU table was then created based on these haplotypes using the USEARCH pipeline. 
 
3.2.6 Statistical analyses 
 
We analyzed the output from the three bioinformatic pipelines separately. OTU tables 
were organized in R 4.0.2 (R Core Team 2020) with the tidyr, car, data.table, caret, 
and dplr packages (Fox and Weisberg 2019; Wickham et al. 2019; Kuhn 2020; Dowle 
and Srinivasan 2021). A Kruskal-Wallis test was used to determine if differences 
between the results of the pipelines existed using R 4.0.2. This difference was further 
described with a post-hoc Dunn test with Bonferroni correction using the packages 
dunn.test and FSA in R 4.0.2 (Ogle et al. 2021). We calculated the observed haplotype 
ratio by dividing the number of observed reads per haplotype by the total number of 
reads per each replicate. In addition, we calculated the difference between the observed 
and expected haplotype ratios for each haplotype within each replicate. Negative 
samples were not included in the total count as there were never more than 10 total 
sequences per sample and had at least an order of magnitude less than all haplotype 
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counts per sample. Sequences that did not map to any haplotype were not included in 
the total count. 
 
To explore the differences in haplotype ratio between the different concentrations, 
several different statistical methods were employed. First, we compared the observed 
haplotypic ratio mean to the expected haplotypic ratio mean for each haplotype and 
concentration with a two-sided t-test, including a Bonferroni correction (α = 0.05/21 = 
0.0024). Each pipeline, haplotype, and concentration combination was analyzed 
separately for this t-test. Then, we analyzed the variance between observed and 
expected haplotype ratios for each dataset because we were interested in how variable 
the haplotype ratios were around the observed means. We applied Levene’s test to 
describe the variance between observed and expected haplotype ratios across 
concentration, haplotype, and both concentration and haplotype together using the car 
package in R (Fox and Weisberg 2019). To further understand which concentrations 
differed from each other, we carried out pairwise permutation tests between 
concentrations for each pipeline. We calculated the root mean square error (RMSE) for 
each concentration. Then, we performed a Monte-Carlo permutation two-sample t-test 
between each pairwise concentration comparison and applied a Bonferroni correction to 
p-values (α = 0.05/21 = 0.0024) to guard against type I errors. We used the MKinfer 




3.3.1 Sequencing results 
 
After demultiplexing, 753,794 sequences remained from the initial 894,385 sequences 
in the raw file. Trimming off primers and filtering for quality and minimum length left 
629,001 sequences. The mean reads per replicate (± SD) for the dada2 pipeline, HAP, 
and unoise3 pipeline were 8,812 (± 3,312); 8,346 (± 3,014), and 8,966 (± 3,194) reads, 
respectively. In addition to the actual haplotypes, the dada2 pipeline assigned 11,768 
reads to another 71 false positive haplotypes, ranging from 1 to 2,049 reads per 
haplotype. However, many replicates did not have a non-specific read (median = 0 
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replicates, average of 152 (± 391) reads per replicate). We had 44,587 reads not map to 
any haplotype in the HAP pipeline, with a mean of 579 (± 304) reads per replicate and 
a median of 663 reads. The unoise3 pipeline did not produce unmapped reads, despite 
99.8% matching to the OTU table. This indicates that some reads were discarded within 
the algorithm and did not appear in the final OTU table. 
 
3.3.2 Observed haplotype ratio compared to expected haplotype ratio 
 
When visualized, observed haplotype ratios did not vary from the expected haplotypic 
ratios, except for lower concentrations (Figure 3.3). Haplotype ratios could be 
recovered with as low a concentration as 1x104 copies/µL (Figure 3.3). As 
concentration increases, the means of the observed haplotype ratio approach the means 
of the expected haplotype ratio for each haplotype (Table 3.4). This trend is observed 
for all pipelines. There was a significant difference in mean between some of the 
observed and expected haplotypic ratios at high concentrations, generally at 1x104 
copies/µL and above (t-tests, Table 3.4). This significance was likely due to low 





Figure 3.3. A box-and-whisker graph of ratios by concentration for all three 
denoising/assignment pipelines. The ideal haplotype ratio is 0.5 : 0.25 : 0.125 : 0.125 
for haplotypes A (1), B (2), C (3) and D (4), respectively, per concentration. Each 
haplotype is shown in a different color, means and interquartile range is indicated with 
the box. Shown here is (a) data from dada2 (b) data from HAP (c) data from unoise3. 
  
Table 3.4. A table showing the observed mean compared to the expected mean for each haplotype and concentration investigated. T-test results 
comparing the observed and expected means are reported to show how different the observed and expected haplotypic ratios may be. All t-tests 
have 9 degrees of freedom and significance is considered at α = 0.0024. Please note that not all haplotypes have the same expected ratio. 
 
Bioinformatic 




Ratio T-value P-value Significance 
dada2 1x101 copies/µL 1 0.345 0.50 -1.055 0.319  
dada2 1x101 copies/µL 2 0.233 0.25 -0.132 0.898  
dada2 1x101 copies/µL 3 0.134 0.125 0.093 0.928  
dada2 1x101 copies/µL 4 0.088 0.125 -0.427 0.679  
dada2 1x102 copies/µL 1 0.510 0.50 0.435 0.674  
dada2 1x102 copies/µL 2 0.258 0.25 0.328 0.751  
dada2 1x102 copies/µL 3 0.129 0.125 0.252 0.807  
dada2 1x102 copies/µL 4 0.103 0.125 -1.579 0.149  
dada2 1x103 copies/µL 1 0.466 0.50 -5.362 0.000 * 
dada2 1x103 copies/µL 2 0.273 0.25 2.118 0.063  
dada2 1x103 copies/µL 3 0.130 0.125 0.942 0.371  
dada2 1x103 copies/µL 4 0.132 0.125 0.759 0.467  
dada2 1x104 copies/µL 1 0.482 0.50 -3.800 0.004  
dada2 1x104 copies/µL 2 0.266 0.25 5.937 0.000 * 
dada2 1x104 copies/µL 3 0.134 0.125 5.334 0.000 * 
dada2 1x104 copies/µL 4 0.119 0.125 -3.029 0.014  
dada2 1x105 copies/µL 1 0.485 0.50 -7.342 0.000 * 
dada2 1x105 copies/µL 2 0.264 0.25 13.190 0.000 * 
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dada2 1x105 copies/µL 3 0.130 0.125 3.948 0.003  
dada2 1x105 copies/µL 4 0.121 0.125 -2.853 0.019  
dada2 1x106 copies/µL 1 0.484 0.50 -6.525 0.000 * 
dada2 1x106 copies/µL 2 0.261 0.25 9.173 0.000 * 
dada2 1x106 copies/µL 3 0.135 0.125 8.848 0.000 * 
dada2 1x106 copies/µL 4 0.120 0.125 -3.419 0.008  
dada2 1x107 copies/µL 1 0.494 0.50 -2.459 0.036  
dada2 1x107 copies/µL 2 0.255 0.25 3.203 0.011  
dada2 1x107 copies/µL 3 0.128 0.125 2.357 0.043  
dada2 1x107 copies/µL 4 0.122 0.125 -1.744 0.115  
HAP 1x101 copies/µL 1 0.501 0.50 0.008 0.994  
HAP 1x101 copies/µL 2 0.230 0.25 -0.153 0.882  
HAP 1x101 copies/µL 3 0.135 0.125 0.098 0.924  
HAP 1x101 copies/µL 4 0.134 0.125 0.101 0.922  
HAP 1x102 copies/µL 1 0.500 0.50 -0.012 0.990  
HAP 1x102 copies/µL 2 0.262 0.25 0.499 0.630  
HAP 1x102 copies/µL 3 0.139 0.125 0.972 0.356  
HAP 1x102 copies/µL 4 0.099 0.125 -2.458 0.036  
HAP 1x103 copies/µL 1 0.464 0.50 -6.115 0.000 * 
HAP 1x103 copies/µL 2 0.273 0.25 2.282 0.048  
HAP 1x103 copies/µL 3 0.133 0.125 1.337 0.214  
HAP 1x103 copies/µL 4 0.130 0.125 0.613 0.555  
HAP 1x104 copies/µL 1 0.482 0.50 -3.983 0.003  
HAP 1x104 copies/µL 2 0.265 0.25 6.002 0.000 * 
HAP 1x104 copies/µL 3 0.136 0.125 6.446 0.000 * 
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HAP 1x104 copies/µL 4 0.117 0.125 -3.402 0.008  
HAP 1x105 copies/µL 1 0.490 0.50 -4.525 0.001 * 
HAP 1x105 copies/µL 2 0.256 0.25 4.522 0.001 * 
HAP 1x105 copies/µL 3 0.131 0.125 4.684 0.001 * 
HAP 1x105 copies/µL 4 0.123 0.125 -1.486 0.172  
HAP 1x106 copies/µL 1 0.481 0.50 -9.007 0.000 * 
HAP 1x106 copies/µL 2 0.262 0.25 9.944 0.000 * 
HAP 1x106 copies/µL 3 0.137 0.125 10.585 0.000 * 
HAP 1x106 copies/µL 4 0.120 0.125 -3.386 0.008  
HAP 1x107 copies/µL 1 0.491 0.50 -3.527 0.006  
HAP 1x107 copies/µL 2 0.255 0.25 2.744 0.023  
HAP 1x107 copies/µL 3 0.130 0.125 3.904 0.004  
HAP 1x107 copies/µL 4 0.124 0.125 -0.710 0.496  
unoise3 1x101 copies/µL 1 0.552 0.50 0.398 0.700  
unoise3 1x101 copies/µL 2 0.198 0.25 -0.469 0.650  
unoise3 1x101 copies/µL 3 0.134 0.125 0.085 0.934  
unoise3 1x101 copies/µL 4 0.117 0.125 -0.101 0.922  
unoise3 1x102 copies/µL 1 0.501 0.50 0.065 0.949  
unoise3 1x102 copies/µL 2 0.258 0.25 0.358 0.728  
unoise3 1x102 copies/µL 3 0.133 0.125 0.512 0.621  
unoise3 1x102 copies/µL 4 0.108 0.125 -1.459 0.179  
unoise3 1x103 copies/µL 1 0.470 0.50 -4.442 0.002  
unoise3 1x103 copies/µL 2 0.267 0.25 1.576 0.150  
unoise3 1x103 copies/µL 3 0.130 0.125 1.073 0.311  
unoise3 1x103 copies/µL 4 0.133 0.125 0.882 0.401  
 73 
unoise3 1x104 copies/µL 1 0.484 0.50 -3.398 0.008 * 
unoise3 1x104 copies/µL 2 0.263 0.25 5.032 0.001 * 
unoise3 1x104 copies/µL 3 0.134 0.125 5.443 0.000 * 
unoise3 1x104 copies/µL 4 0.119 0.125 -2.818 0.020 * 
unoise3 1x105 copies/µL 1 0.485 0.50 -7.833 0.000 * 
unoise3 1x105 copies/µL 2 0.264 0.25 11.958 0.000 * 
unoise3 1x105 copies/µL 3 0.130 0.125 3.895 0.004 * 
unoise3 1x105 copies/µL 4 0.122 0.125 -2.535 0.032 * 
unoise3 1x106 copies/µL 1 0.484 0.50 -8.035 0.000 * 
unoise3 1x106 copies/µL 2 0.260 0.25 9.774 0.000 * 
unoise3 1x106 copies/µL 3 0.135 0.125 9.563 0.000 * 
unoise3 1x106 copies/µL 4 0.121 0.125 -2.972 0.016 * 
unoise3 1x107 copies/µL 1 0.491 0.50 -3.630 0.005 * 
unoise3 1x107 copies/µL 2 0.258 0.25 4.465 0.002 * 
unoise3 1x107 copies/µL 3 0.128 0.125 2.692 0.025 * 






With all three pipelines, observations of haplotype ratios were more variable at lower 
concentrations (Figure 3.3). Significant variance (heteroscedasticity) around the mean 
was found when considering both concentration (copy number/µL) and haplotype 
(Levene’s test: dada2, HAP, and unoise3 were F27,252=3.19, p<0.001; F27,252=4.32, 
p<0.001; and F27,252=4.64, p<0.001, respectively). Significant variance in haplotype 
ratio remains with concentration alone (Levene’s test: dada2’s, HAP, and unoise3 were 
F6,273=19.91, p<0.001; F6,273=20.21, p<0.001; and F6,273=19.52, p<0.001, respectively), 
but not haplotype (Levene’s test: dada2, HAP, and unoise3 were F3,276=1.82, p>0.14; 
F3,276=1.12, p>0.34; and F3,276=0.94, p>0.41, respectively). A decrease in concentration 
drove the increase in variability between haplotype ratios rather than haplotype, given 
the significant effect of concentration alone and insignificant result of haplotype alone. 
To further demonstrate this effect, the standard deviations were calculated for each 
concentration for all pipelines (Table 3.5). Overall, they show an increase in standard 
deviation as concentration decreases apart from 1x105 copies/µL (Table 3.5). However, 
for all concentrations of 1x102 copies/µL and higher, the mean is within 10% of the 
expected value (Table 3.5), providing some confidence that down to the 1x102 
copies/µL concentration, haplotype frequencies can be reconstructed with some 
confidence. 
 
Table 3.5. The standard deviations of the difference between the observed and expected 
concentrations for each pipeline. The means rounded to zero after ten significant digits 
for all concentrations for all pipelines except dada2 at the concentration of 1x101 
(mean=-0.05). 
 
Concentration dada2 HAP unoise3 
1x101 copies/µL 0.3680 0.3582 0.3275 
1x102 copies/µL 0.0618 0.0577 0.0571 
1x103 copies/µL 0.0326 0.0324 0.0302 
1x104 copies/µL 0.0162 0.0164 0.0146 
1x105 copies/µL 0.0115 0.0081 0.0115 
1x106 copies/µL 0.0124 0.0137 0.0121 
1x107 copies/µL 0.0070 0.0082 0.0084 
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3.3.3 Pairwise differences between concentration 
 
To further compare the variation between each concentration, we used a two-sample t-
test between each concentration using the root mean square error (Table 3.6). A p-value 
was generated using Monte-Carlo permutations for each dataset. Almost all 
concentration comparisons were significantly different, even after applying a 
Bonferroni correction to p-values. Notably, we found that all pipelines showed a 
significant difference between the lowest concentration (1x101 copies/µL) and all other 
concentrations (Monte-Carlo permutation p-value < 0.001 for all pipelines). Across all 
pipelines, the concentration of 1x104 copies/µL did not significantly differ from 
concentration 1x106 copies/µL and concentration 1x102 copies/µL did not differ from 
concentration 1x103 copies/µL. There was variation in degree of difference between 
concentrations 1x104 copies/µL, 1x105 copies/µL, 1x106 copies/µL, and 1x107 
copies/µL (Table 3.6).  
  
 
Table 3.6. P-values from multiple comparisons from Monte-Carlo simulated permutations of welch two-sample t-tests between concentrations 
on the root mean square error for the dada2 pipeline (A), HAP pipeline (B), and unoise3 pipeline (C). 
A. dada2 Pipeline 
Concentration 1x101 1x102 1x103 1x104 1x105 1x106 1x107 
1x101   * * * * * * 
1x102 1.05E-17   
 
* * * * 
1x103 2.20E-16 0.008701   * * * * 
1x104 2.20E-16 1.00E-04 7.00E-04   
  
* 
1x105 2.20E-16 2.20E-16 2.2E-16 0.2462   
 
* 
1x106 2.20E-16 2.20E-16 2.2E-16 0.392 0.4875   * 
1x107 2.20E-16 2.2E-16 2.2E-16 0.0018 2.20E-16 3.00E-04   
 
B. HAP Pipeline 
Concentration 1x101 1x102 1x103 1x104 1x105 1x106 1x107 
1x101   * * * * * * 
1x102 2.20E-16   
 
* * * * 
1x103 2.20E-16 0.0344   * * * * 
1x104 2.20E-16 1.00E-04 3.00E-04   * 
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1x105 2.20E-16 2.2E-16 2.2E-16 0.0016   * 
 
1x106 2.20E-16 2.2E-16 2.2E-16 0.5249 2.2E-16   * 
1x107 2.20E-16 2.2E-16 2.2E-16 0.0028 0.8825 2.20E-16   
 
C. unoise3 Pipeline 
Concentration 1x101 1x102 1x103 1x104 1x105 1x106 1x107 
1x101   * * * * * * 
1x102 2.2E-16   
 
* * * * 
1x103 2.2E-16 0.0101   * * * * 
1x104 2.2E-16 1.00E-04 1.00E-04   
   
1x105 2.2E-16 2.2E-16 2.2E-16 0.4939   
  
1x106 2.2E-16 2.00E-04 2.2E-16 0.6403 0.6217   
 
1x107 2.2E-16 1.00E-04 2.2E-16 0.0478 0.0106 0.005401   
  
 
3.3.4 Comparing pipelines 
 
There exists a significant difference between the three pipelines when looking at the 
difference between the observed and expected haplotype ratios (Kruskal-Wallis chi-
square=414.18, df=2, p-val < 0.001). There was not a significant difference between the 
dada2 and HAP pipelines (Dunn Test: p > 0.05 with Bonferroni correction), while 
unoise3 was significantly different from both the dada2 and HAP pipelines (Dunn Test: 
p < 0.001, p < 0.001, respectively). Given the lower standard deviations at the four 
lowest concentrations (1x101 – 1x104 copies/µL), unoise3 may be the more precise 




Environmental DNA methods have potential for non-invasive population genetic 
sampling, but one initial barrier to implementation is ensuring the accurate detection of 
the genetic variation present. We tested whether it is possible to accurately retrieve 
mtDNA haplotype ratios from a known mixture at eDNA-relevant concentrations, and 
assessed the effect of concentration, differing haplotype ratios, and bioinformatic 
pipeline on this accuracy. This study suggests eDNA may recover haplotypic variation 




Concentration had the largest effect on haplotype ratio recovery; as total concentration 
of DNA decreased, observed haplotype variance increased, especially at concentrations 
lower than 1x104 copies/µL. The lowest 1x101 copies/µL concentration did not always 
recover low-frequency haplotypes (e.g., < 25%) in all replicates. However, at 
concentrations greater than 1x101 copies/µL, haplotype ratio could be accurately 
recovered in 10 replicates, despite variance around the expected ratio. Haplotype 
recovery from concentrations 1x104 – 1x107 copies/µL were similar (e.g. Table 3.6). At 
low concentrations, the PCR process may randomly amplify target molecules by chance 
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(Wagner et al. 1994). Multiple replicates have been stressed as a necessary 
experimental design consideration in eDNA studies for this reason (Cantera et al. 2019; 
Ficetola et al. 2015; Goldberg et al. 2016; Piggott 2016). Concentrations of 1x101 – 
1x103 copies/µL model those typical of eDNA studies, depending on organism shed 
and environmental factors (Barnes and Turner 2016). In the environment, eDNA 
concentrations are highly variable, ranging from less than 1 copy/µL to 1x103 
copies/µL, with concentrations under 10 copies/µL common (Weltz et al. 2017; Cowart 
et al. 2018a; Rusch et al. 2018; Mauvisseau et al. 2019; Roux et al. 2020). While 
concentrations below 10 copies/µL were not tested, this study shows high (1x102 – 
1x103 copies/µL) eDNA concentrations may return representative haplotype ratio 
abundance estimates. Caution is warranted in interpreting amplicon diversity data for 
samples with lower eDNA concentrations (< 1x102 copies/µL), as these low 
concentrations may not fully reflect true diversity. 
 
3.4.2 Haplotype abundance 
 
Our experiment suggests haplotypes with abundance ratios over 12.5% may be 
identified with high concentrations of DNA and enough replication. Rare eDNA 
haplotype recovery is likely possible and concentration-dependent given our laboratory 
model. Our lowest tested concentration, 1x101 copies/µL, did not reflect true haplotype 
ratio abundance, and in some cases, rare haplotypes (12.5%) were more abundant than 
the most common haplotype (50%) (Figure 3.3). This study models the groundwork for 
eDNA at the haplotype level. When amplifying low-abundance eDNA, PCR and 
sequencing may have irregularly amplified haplotypes depending upon which 
molecules are amplified first (Polz and Cavanaugh 1998). For rare haplotypes, true 
haplotype abundance may be misrepresented, especially if overall concentration is low 
(1x101 copies/µL or fewer). Studies quantifying haplotype abundance using eDNA 
methods returned a concentration of 1x10-3 copies/µL – 1x102 copies/µL per sample, 
which presents a challenge to obtaining true haplotypic abundance in the field (Baker et 
al. 2018; Székely et al. 2021). This is especially true if rare haplotypes are in a mixture 
where they could be overshadowed by more common haplotypes. Further testing is 
needed to see if rare haplotype abundance can be quantified in the field, and if this can 
be related to the abundance of genetic diversity in a population. Even at the species 
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level, there exists a complex corollary relationship between eDNA abundance and 
target organism quantity, showing quantifying this relationship is not always 
straightforward (Yates et al. 2019; Sepulveda et al. 2021). However, accurate 




Overall, the bioinformatic pipelines tested here performed similarly in terms of 
haplotype ratio recovery, but the unoise3 pipeline created more precise results at lower 
concentrations (1x101 – 1x104 copies/µL), and therefore may perform better at eDNA-
relevant concentrations. This finding is in line with other eDNA bioinformatic 
laboratory studies which have compared unoise3 and dada2 (Nearing et al. 2018; Tsuji 
et al. 2020b). We note the performance of different pipelines when dealing with 
sequences that did not map to any true haplotypic variation. The dada2 pipeline did not 
distinguish between real and false positive haplotypes due to haplotype inflation. While 
false positives could be distinguished by eye due to low abundance, these haplotypes 
were still called, suggesting stricter filtering was needed to properly distinguish real 
genetic variation from false signal. Other studies have also suggested dada2 inflates 
sequence variation (Caruso et al. 2019; Prodan et al. 2020), which could potentially 
impact real-world applied management contexts (Ruppert et al. 2019). As opposed to 
dada2, the HAP pipeline grouped all unassigned amplicons into a “not found” category, 
lumping “noise” haplotypes together into one category. The HAP pipeline is mapping-
based, which could potentially leave out rare variation not discovered in the first part of 
the pipeline, but in our study, we found it correctly identified haplotypes. Finally, 
unoise3 did not output discarded sequences. Overall, there is a fine line between real 
signal and noise for rare haplotypes, which is a major challenge facing eDNA 
population genetics (Turon et al. 2019). 
 
3.4.4 Amplification variation due to protocol efficiency 
 
There are many sources of amplicon sequencing variation, and it is well documented in 
the literature that this variation plays a part in confounding eDNA sequence abundance 
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(Ficetola et al. 2015; Ruppert et al. 2019; Zinger et al. 2019). Besides differences in 
biological shed from individual organisms, primer biases, pipetting error, and the 
processes of PCR and sequencing can also introduce haplotype abundance biases 
(Suzuki et al. 1998; Qiu et al. 2001; Eisenstein 2018).  
 
The processes of PCR and sequencing, especially at low concentrations of DNA, is 
stochastic and can introduce errors (Suzuki et al. 1998; Lee et al. 2012). Replicates and 
a one-step library preparation may alleviate some of these biases, but distinguishing 
noise from true rare diversity, especially at the level of a few bases per amplicon, is 
challenging (Turon et al. 2019). Sequencing platforms are known to produce errors, and 
may have biases, e.g., homopolymer runs or increased GC content (Jünemann et al. 
2013; Ross et al. 2013). This can lead to wrong base calls, which can present as rare 
haplotypes or add noise to the dataset (Anand et al. 2016). Particularly pertinent to 
amplicon sequencing, long and homogenous libraries can present problems for 
sequencing technologies (Bronner et al. 2014; Fadrosh et al. 2014). These difficulties 
can be mitigated with variable barcode lengths and PhiX spikes, but are not completely 
infallible (Fadrosh et al. 2014). Bioinformatically, dereplicating all sequences together 
may help identify rare amplification across multiple samples, because distinguishing 
rare haplotypes from background noise is easier at higher concentrations. 
 
3.4.5 Future directions and limitations of this study 
 
This laboratory study is one building block for understanding how haplotypic amplicon 
variation could be recovered from a mixed sample using eDNA methods. However, 
because we are simulating this mix in a laboratory setting, more tests need to be done 
using eDNA filtration methods and field settings. From previous studies, we know 
haplotypic variation can be obtained from tank experiments (Marshall and Stepien 
2019; Tsuji et al. 2020b), but allelic drop-off limits still need to be explored. More 
work also needs to be done to explore what concentrations are needed to reliably obtain 
haplotypic variation from live animals (biomass) in field settings, especially if eDNA is 
to be used for assessing population genetic diversity (Yates et al. 2019).  
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In addition to understanding the ecology of eDNA, we suggest building a framework 
for analyzing population genetic data in pooled samples that is robust to haplotypic and 
concentration variability (Azarian et al. 2021). While pool-seq data analyses exist, 
which would fit pooled individual data such as from eDNA methods, these pipelines 
often look for population variation with SNP markers, which are not the same as easily-
obtained eDNA amplicon data (Taus et al., 2017). Additionally, pool-seq methods rely 
on equimolar ratios of individuals, which cannot be guaranteed with eDNA sampling. 
For eDNA amplicons, models will need to be tested and current structure will need to 
be modified for eDNA input for eDNA methods to become a viable population genetic 
tool. Once made for eDNA amplicons, other markers can be explored, such as whole 
mitogenomes and nuclear SNPs (Azarian et al. 2021; Jensen et al. 2021). Population 
genetic tools modified for eDNA input could provide useful information for comparing 
populations across time and location. Getting robust eDNA input into commonly 
reported genetic diversity measures such as FST is important if comparisons back to 
genetic diversity measured with traditional sampling methods (e.g., tissue) are to be 
made (Neethiraj et al. 2017). These future developments will give eDNA mtDNA 
haplotypes, and other markers, a framework for use in monitoring and conservation 
contexts. 
 
3.4.6 Conclusions, recommendations, and perspectives  
 
From this study, we offer a few recommendations for eDNA haplotype studies. First, as 
with all studies, try to get as much DNA as possible from target organisms (Hunter et 
al. 2019; Schabacker et al. 2020). This could be from filtering large volumes of water, 
sampling where target species gather, or sampling during reproductive periods (Ghosal 
et al. 2018; Bayer et al. 2019; Sepulveda et al. 2019). Our study shows that ideally 
concentrations would be over 1x102 copies/µL, which may be difficult to achieve with 
trace samples such as eDNA. Bioinformatic pipelines should also be tested for target 
organisms, if possible, to determine which works best for each assay. If not, we 
tentatively recommend unoise3 over dada2, but further testing is needed to confirm our 
results (Nearing et al. 2018; Turon et al. 2019; Tsuji et al. 2020b). Finally, replication is 
of the utmost importance in guarding against PCR and sequencing error, especially for 
studies with low concentration templates (Ficetola et al. 2015). Right now, haplotype 
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identification may be possible for eDNA, but eDNA haplotype abundance may not 
fully reflect a population’s true haplotypic abundance, especially with low 
concentration eDNA samples. While eDNA population genetics is moving forward and 
describing genetic variation in the field, studies still need to determine if haplotypic or 
allelic variation is being lost. For this lacuna, comparison studies between known 
variation and eDNA needs to occur, ideally with eDNA and traditional tissue samples 
being taken at the same time. Validation studies, whether in the laboratory or the field, 
can further characterize how effective eDNA methods are at capturing haplotypic 
diversity. 
 
3.4.7 Importance to thesis 
 
This chapter shows that accurate haplotypic variation can be obtained, even at low 
DNA concentrations that would be relevant to eDNA studies. By building our 
knowledge base and bioinformatic tools to distinguish population genetic level 
diversity from environmentally relevant concentrations, we set the stage for future field 
experiments that may obtain haplotypic variation via eDNA methods (e.g. Chapter IV). 
This chapter links eDNA methods as a tool for broad, community-level biodiversity to 
further specialization as a population-level tool. The next steps for eDNA include 
determining how effective eDNA methods may be in the field by comparing traditional 
tissue sampling with eDNA. 
 
3.4.8 Contribution to this chapter 
 
CIMA, GJJ, NJG, and MK conceived the idea. CIMA carried out the experiment. MK, 
GJJ, MB, and NJG advised at various times for troubleshooting. CIMA analyzed the 
data with a few exceptions: CIMA and HC discussed the HAP pipeline, and this was 
coded by HC, who also helped advise on bioinformatic analyses. Michael de Lange, 
Antoine Bagnaro, and MK advised on statistic tests, performed by CIMA. CIMA wrote 
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Environmental DNA (eDNA) is increasingly used in species identification methods, 
and interest has grown in using this technique for population genetics. However, 
understanding how effective eDNA tools are for obtaining population genetic signal 
remains to be tested for multiple species and environments. Here, we compare 
mitochondrial haplotypes of pāua (Haliotis iris) taken from both environmental and 
tissue samples to test how well eDNA methods reflect traditional tissue sampling for 
these marine gastropods. Samples were taken from a population of individuals found 
off the coast of Warrington, Otago, New Zealand. Pāua mitochondrial haplotypes were 
identified from environmental and tissue samples. Tissue-obtained and eDNA-obtained 
mtDNA haplotypic diversity was compared. We demonstrate eDNA sampling is an 
effective tool for obtaining common haplotypes in a field setting, but rare (< 5%) 
haplotypes are seldom recovered. We therefore show that recovering common genetic 
diversity from environmental water samples is possible. These results show the 
potential of eDNA methods to identify not just species presence, but also population 
genetic diversity of pāua, raising prospects that these non-invasive methods could 





Environmental DNA (eDNA) methods have gained wide recognition for their use in 
biodiversity surveys, but recently attention has turned to using this method to obtain 
population genetic information (Ficetola et al. 2008; Sigsgaard et al. 2020). This shift 
encompasses a change in focus from genetic markers which identify species (e.g., 
Pochardt et al. 2020) to those that evaluate population-level polymorphisms (e.g., 
Parsons et al. 2018, Stepien et al. 2019). Genetic data from eDNA methods could 
potentially help estimate population size, inbreeding, gene flow, and population 
viability (Adams et al. 2019b). Population-level diversity in the form of haplotypes, 
physically linked alleles inherited together, have been obtained with eDNA methods for 
a variety of taxa, including dolphins, fish, and bivalves, and tested in a variety of field 
and laboratory settings (Sigsgaard et al. 2016; Parsons et al. 2018; Stepien et al. 2019; 
Tsuji et al. 2020c; Marshall and Stepien 2020; Chapter III). However, eDNA-obtained 
population genetic results are only useful if we can be confident that eDNA methods 
are capturing a robust estimate of the genetic variation present in the target population. 
Field experiments are needed to compare results from traditional tissue-based 
population genetic sampling methods to eDNA-based population genetic methods. 
Here, we seek to determine if an analysis of eDNA methods targeting a marine 
gastropod will produce the same results as traditional population-genetic tissue 
sampling. 
 
Blackfoot pāua (Haliotis iris), yellowfoot pāua (H. australis), and whitefoot pāua (H. 
virginea) are abalones endemic to Aotearoa New Zealand. The pāua fishery had a $15 
million NZD export value in 2020 (Seafood New Zealand 2020) and was valued at $80 
million NZD in exports at its 2001 peak (The Pāua Industry Council 2021). 
Importantly, blackfoot pāua are cultural keystone species to Māori, and are considered 
a taonga (treasured species) for Ngāi Tahu, the southern iwi (tribe) (Garibaldi and 
Turner 2004; Turner et al. 2013; McCarthy et al. 2014). Traditionally, Maori exerted 
kaitiakitanga (guardianship) over the marine environment for the harvest of kaimoana 
(seafood) using mātauranga (indigenous knowledge) and tikanga (practice), although 
European colonialism and centralized management have since undermined efforts for 
sustainable harvest (Bess 2001, McCarthy et al. 2014, Bennett-Jones et al. 2021) 
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Harvesting of blackfoot pāua is currently regulated nationwide largely with quotas and 
minimum legal sizes, and recreational fishing is limited to 10 blackfoot pāua per person 
per day (Ministry for Primary Industries 2020). Despite regulation, blackfoot pāua 
populations are still declining like most wild abalone populations (Cook 2016). 
Through the use of microsatellite and mitochondrial markers, blackfoot pāua have been 
shown to have relatively high levels of genetic diversity within populations, and weak 
structure between populations (Will 2009; Will et al. 2011). In contrast, yellowfoot and 
whitefoot pāua are smaller and less commercially viable, and their population genetic 
structure is unknown. 
 
The cultural importance of pāua, and the broader decreasing of abalone populations 
worldwide coupled with high genetic diversity make blackfoot pāua a species of 
conservation and management interest (Cook 2016). High genetic diversity makes 
blackfoot pāua an ideal organism for comparing how effective eDNA methods are at 
obtaining haplotypic genetic diversity (Will 2009). While other studies have compared 
eDNA-obtained haplotypes to previously obtained population genetic data, few 
population-level eDNA studies have compared both tissue and eDNA simultaneously in 
the field (Parsons et al. 2018; Marshall and Stepien 2019; Székely et al. 2021). 
Therefore, we ask: (1) Can we get blackfoot pāua eDNA haplotypes in a field setting? 
(2) Do eDNA samples reflect tissue-based haplotypic diversity? (3) Is this eDNA assay 
applicable to other locations? This work extends laboratory-based findings using eDNA 
methods as a tool for population genetic information (Chapter III). Furthermore, pāua 
eDNA assays could be applied in fisheries management scenarios. We also make 




4.2.1 Sample collection and DNA extraction 
 
We collected water samples and then immediately harvested blackfoot pāua (Halitois 
iris) individuals around a rock off the coast of Warrington, Otago, New Zealand (45° 
42.5454’ S; 170° 36.3536’ E) on 16 April 2019 (Figure 4.1). Since blackfoot pāua are 
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patchily distributed, our water collection occurred around a single blackfoot pāua-
populated rock (Figure 4.2). For the water samples, two sterile 1L, acid-washed, glass 
bottles were taken down five meters, opened, rinsed, and purged with air from a 
SCUBA regulator. The bottles were then filled at the same time next to each other, 
sealed, and brought back to the surface to be combined for filtering. This was done nine 
times around the blackfoot pāua-populated rock for a total of nine, 2L samples. Once 
all water samples had been collected, we randomly selected and collected 76 adult 
blackfoot pāua individuals from around that same rock (MPI Special Permit to the 
University of Otago (644)). Yellowfoot pāua (H. australis) were also found under rocks 
at the sampling site, albeit at lower densities. To better control for yellowfoot pāua 
eDNA present in our water samples, we also collected 11 yellowfoot pāua that co-
occurred at the same site. Animals were transported live back to the Portobello Marine 





Figure 4.1. Map of sampling sites Ohau Point and Warrington. The distance between 





Figure 4.2. An image representative of pāua beds off the coast of Warrington, Otago, 
New Zealand. (1) Blackfoot pāua (Haliotis iris) beds spread across rocks in a patchily 
distributed population. (2) Three individual blackfoot pāua covered in sand. Photo 
credit: Dr. Matthew Desmond (matthew.desmond@otago.ac.nz). 
 
To determine if pāua haplotypic variation could be recovered from eDNA at other sites, 
we opportunistically took seven 500 mL eDNA samples from the shore at Ohau Point, 
Kaikōura (42°14'29.9"S 173°50'15.1"E) on 13 February 2020 (Figure 4.1). We chose 
this location because blackfoot pāua shells were scattered across the rocky beach and 
the site was well known as prime pāua habitat prior to the 2016 Kaikōura earthquake 
(Fisheries New Zealand and Kaikōura Marine Guardians 2018.).  
 
Warrington water samples in Longmire’s buffer and blackfoot pāua individuals were 
immediately transported directly to Portobello Marine Laboratory (Williams et al. 
2016). Ohau Point samples in Longmire’s buffer were immediately transported to our 
 91 
dedicated PCR-free eDNA laboratory after in-field filtration (Williams et al. 2016). 
Nanopore water was used for negative field controls.  
 
We filtered eDNA samples immediately at Portobello Marine Laboratory (Warrington) 
or in the field (Ohau Point) with sterivex (0.22µm) columns (Spens et al 2017). For 
Warrington eDNA samples, each sample (two bottles) was poured out and mixed 
together into 2.5L, sterile plastic tub (Figure 4.3). 50mL of sample water were drawn 
ten times and pushed through a single sterivex column for a total of 500mL per 
replicate. This was repeated three times using three separate sterivex tubes for each 
plastic tub to form three replicates for each sample, and negatives were taken before 
and after sampling. This resulted in nine samples with three 500mL replicates each, 
totaling 1.5L filtered for each sample. Three mL of Longmire’s buffer was added to 
each sterivex filter preserve samples (Figure 4.3). The samples were then immediately 
transported to the PCR-free eDNA laboratory and extracted on 18 and 19 April 2019 
via the Spens (2017) protocol using the Qiagen Blood and Tissue Kit. Seven Ohau 
Point samples (no replicates) were filtered on-site according to Spens et al., (2017). 
Three mL of Longmire’s buffer was added to preserve eDNA in the sterivex filter 
during transport back to Dunedin, Otago. Ohau Point samples were extracted within a 
week using the Qiagen Blood and Tissue Kit accoding to Spens et al. (2017). All 
laboratory equipment was bleached prior to use and a negative was added during 





Figure 4.3. Graphical image of Warrington sample filtration. (1) Each 1L half-sample 
was combined for a 2L total sample. (2) Ten draws of a sterivex filter through a 50mL 
syringe (not pictured) resulted in a 500mL replicate. (3) Three replicates were taken per 
sample. (4) Longmire’s buffer was added to each sterivex column for preservation. 
 
The live blackfoot pāua (n=76) were housed at Portobello Marine Laboratory for 
epipodial (tentacles on the mantle) tissue sampling. After tagging each pāua 
individually, between three and seven epipodia were plucked from each individual and 
placed in a 2mL tube with 1mL of 95% ethanol. Surfaces were bleached with 10% 
bleach before work. Tweezers were washed with 10% bleach and 95% ethanol between 
individuals. Yellowfoot pāua (n=11) were sampled in the same manner. Pāua 
individuals were then returned to their aquaria at Portobello Marine Laboratory for an 
experimental breeding program and teaching laboratory use. Pāua tissue samples were 
taken back to the post-PCR DNA laboratory and extracted within a week. We used the 
Qiagen Blood and Tissue Kit according to manufacturer’s instructions, with the 
addition of an extended incubation overnight in ATL lysis buffer. Negative extraction 
controls were undertaken alongside pāua DNA extractions and carried throughout 
library preparation every 8 to 16 samples. Laboratory equipment and bench surfaces 
were bleached with and rinsed with dH2O before work. 
 
4.2.2 Pāua tissue library preparation and analysis 
 
DNA extracts from tissue samples were used to construct partial mtDNA genotypes for 
all 87 individuals (blackfoot pāua: n=76, yellowfoot pāua: n=11). Novel long-range 
primers were combined with primers from Gou et al., 2018 to amplify blackfoot pāua 
mtDNA (Table 4.1). Two long-range PCRs amplified pāua mtDNA from basepairs (bp) 
812 – 13056 (NCBI: NC_031361.1) (Table 4.1) in a 30µL reaction volume containing 
1x KAPA LongRange Buffer (without Mg2+), 1.75mM MgCl2, 0.3mM dNTPs, 0.5µM 
each primer, 2µL of template, and 1.5 U KAPA LongRange HotStart DNA 
Polymerase. No template controls were included in this and the following PCRs. 
Thermal cycling conditions were an initial denature at 94°C with 35 cycles of a 94°C 
denature for 30 seconds, 55°C annealing at 30 seconds, and 68°C extension for 10 
 93 
minutes. This was followed by a final extension at 68°C for 20 minutes. To obtain the 
rest of the blackfoot pāua mitogenome, primer pairs designed by Gou et al (2018) – 
HI8, HI9, and HI10 (Table 4.1) – were amplified in a different 25µL reaction using 1x 
KAPA Taq Buffer, 0.6 mM dNTPs, 0.4µM each primer, 0.5U KAPA Taq DNA 
Polymerase, and 1µL of template DNA. Cycling conditions were an initial denaturation 
at 95°C for 5 minutes, followed by 30 cycles at 95°C for 30 seconds, 58°C for 30 
seconds, 72°C for 3 minutes, and then a final extension at 72°C for 10 minutes, with the 
exception of HI9, which annealed at a temperature of 51°C. Gaps occur between 
basepairs (bp) 13,056-13,073 and 15,576-16,646 and 1-812 (NCBI: NC_031361.1) 
(Table 4.1). These regions could not successfully be amplified. Yellowfoot pāua tissue 
samples were amplified in the same way due to a lack of mitogenome available at the 
time of experiment, however, no successful amplification occurred with primer set 
HI10, likely due to genetic differences (Table 4.2). Primer set H11 amplified under the 
same conditions as primer set HI8 (Guo et al., 2019).  
 
Table 4.1. Primers used for amplifying blackfoot pāua (Haliotis iris) tissue samples. 
 
Name Fragment Sequence 
Pāua-1F 812-7438 GAAGTCTGCTTCTTCTTTGC 
Pāua-1R 812-7438 AAATTTAGCTTTGTGTGGGG 
Pāua-2F 7035-13056 CATTTAAAACAGGGGAACGC 
Pāua-2R 7035-13056 ATAAGGTGGGTTTAATGGGG 
HI-8F 13073-13096 CTGAAAATACCCTAACCCTTTACG 
HI-8R 14225-14248 CTATGGAATAATGAGGAAATGAGT 
HI-9F 14044-14066 TAGGTCACCGGGCAGGTCCGACT 
HI-9R 15021-15043 ATGAGATAAGTCGTAACATAGTA 
HI-10F 14864-14887 CACTAATCAGCTACTCAAAGCCGC 




Table 4.2. Primers used for amplifying yellowfoot pāua (Haliotis australis) tissue 
samples. 
  
Name Fragment Sequence 
Pāua-1F 812-7438 GAAGTCTGCTTCTTCTTTGC 
Pāua-1R 812-7438 AAATTTAGCTTTGTGTGGGG 
Pāua-2F 7035-13056 CATTTAAAACAGGGGAACGC 
Pāua-2R 7035-13056 ATAAGGTGGGTTTAATGGGG 
HI-8F 13073-13096 CTGAAAATACCCTAACCCTTTACG 
HI-8R 14225-14248 CTATGGAATAATGAGGAAATGAGT 
HI-9F 14044-14066 TAGGTCACCGGGCAGGTCCGACT 
HI-9R 15021-15043 ATGAGATAAGTCGTAACATAGTA 
HI-11F 14864-14887 CACTAATCAGCTACTCAAAGCCGC 
HI-11R 16441-16463 AGTATAAGAAGTACGGCTGCCTT 
 
We prepared double-stranded DNA libraries for all pāua tissue samples, including 
negatives (Kircher et al. 2012). Sonication was performed with a Covaris S220 
focused-ultrasonicator at 15 seconds on and 90 seconds off for eight cycles at 4°C. We 
confirmed successful shearing of products to less than 100 bp with gel electrophoresis. 
Blunt end repair occurred in a 40µL reaction volume and was performed according to 
Knapp et al., 2012 with the exception of clean-up using AMPure XP beads instead of a 
MinElute Kit (Qiagen), and samples were eluted with 30µL of dH2O. Briefly, 1x 
Buffer Tango, 100 µM each dNTPs, 1mM ATP, 0.5 U/µT4 PNK, and 0.1 U/µL T4 
Polymerase was added together with 30µL of fragmented sample and then incubated 
for 15 minutes at 12°C followed by 15 minutes at 25°C. We then performed poly-A 
tailing with 25µL of purified DNA, 1.7 µL Klenow fragments (3’>5’ exo-) (New 
England BioLabs Inc), 0.3 µL dATP (10mM), and 3.0 µL NEB#2 Buffer (New 
England BioLabs Inc). We incubated this reaction for 30 minutes at 37°C and then 
purified with AMPure XP beads. Next, we ligated double-stranded, truncated Illumina-
compatible adapters Adapter_P5 (50 µM) and Adapter_P7 (50 µM) to each sample. 
Briefly, 4.0 µL of T4 Ligase buffer (10x), 4.0 µL PEG-4000 (50%) and 1.0 µL T4 
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Ligase (5 U/µL) were combined with 29 µL of purified products and 0.5 µL of each 
adapter. Ligation was carried over one hour at 22°C and then cleaned with AMPure 
Beads. We extended the truncated adapters by amplification with tailed primers 
containing sample-specific barcodes and the Illumina recognition site that had been 
missing from the truncated adapters. Adapter-ligated samples were used as template, 
together with 0.3 µM of each P5 and P7 extension primers (Illumina), 0.3 mM dNTPs, 
1x KAPA HiFi Buffer, and 0.6 U KAPA HiFi DNA Polymerase. Cycling conditions 
consisted of 94°C for 3 minutes, 20 cycles of 94°C for 25 seconds, 60°C for 15 
seconds, 72°C for 15 seconds, and a final extension of 72°C for 15 minutes. Amplified 
products were cleaned with AMPure XP beads and quantified with Quant-iT™ 
PicoGreen dsDNA Assay Kit on a VICTOR Multilabel Plate Reader. Samples were 
pooled in equimolar ratios. We submitted the pooled library to Otago Genomics for 
Illumina MiSeq paired-end 2x300bp sequencing using v3 chemistry. 
 
Once reads were obtained, we ran the demultiplexed samples through the Eager 2.0.7 
pipeline using NEXTFLOW v19.01.0 (Yates et al. 2021a) with modifications for non-
ancient mitochondrial DNA data and using the H. iris mtDNA genome as a reference 
(NCBI: NC_031361.1) (Guo et al. 2019)). Specifically, we indicated paired-end 
sequencing, skipped collapse and damage calculations (specific to ancient DNA), 
indicated circular and haploid mtDNA, and mapped sequences (to NCBI 
NC_031361.1) using bwa-mem in BWA-0.7.17. We visualized BAM files in Geneious 
Prime 2021.1.1 (www.geneious.com). We extracted the consensus sequences for each 
sample by hand and then aligned the sequences using Muscle 3.8.425 (Table 4.3) 
(Edgar 2004). 71 of the 76 blackfoot pāua samples were successfully sequenced in the 
desired amplicon range and these were used for downstream analyses and comparisons 
with eDNA amplicons (Table 4.3). Few yellowfoot pāua reads mapped to the blackfoot 
pāua genome, likely due to genetic differences (Table 4.3). Yellowfoot pāua sequences 
did not map to the region of our designed eDNA primers. Differential mapping 
indicated eDNA primers built for blackfoot pāua in this mtDNA region would 
preferentially amplify blackfoot pāua DNA. We proceed with designing primers for 
only blackfoot pāua given that the yellowfoot pāua’s mitogenome did not amplify in 
the targeted region. 
  
Table 4.3. Mitochondrial reads per sample, coverage, and read depth from blackfoot pāua and yellowfoot pāua tissue from Warrington, Otago 
when mapped to the blackfoot pāua genome (NC_031361.1). 
 
Reads per Sample Coverage Read Depth  
Range Average  St Dev Range Average  St Dev Range Average  St Dev 
Haliotis iris 1,333 - 59,817 21766.37 10761.74 55.28 - 86.33 85.50 3.97 23.60 - 908.172 334.20 441.58 




4.2.3 eDNA primer development  
 
Previously published primers amplified across abalone species (Will 2009), and 
published long-range primers were likely too long for degraded eDNA (Moushomi et 
al. 2019; Barnes et al. 2021). We developed our own eDNA primers which included a 
region between mitochondrial proteins to ensure species-specificity. Based on our 
sequences from blackfoot pāua tissue, specific blackfoot pāua eDNA primers were 
designed in Geneious Prime 2020.1.1 using Primer3 (https://www.geneious.com). A 
primer pair was designed across the ATP8 and ATP6 regions (bp 5,875 – 6,183 in 
KU310895) to take advantage of the regions’ heightened genetic variability, and to 
ensure some comparability with previous studies (Table 4.4) (Will 2009). Aligned 
consensus sequences from each individual were compared to determine the presence of 
haplotypes.  
 
4.2.4 Mitochondrial eDNA amplicon library preparation and analysis 
 
We used a single-step library preparation using our pāua-specific fusion primers for 
building eDNA libraries in our PCR-free laboratory (Berry et al. 2017; Stat et al. 2017). 
Each fusion primer contained a modified Illumina sequencing adapter, a barcode tag (6-
9 bp in length), and the genus-specific primer (Table 4.4). Prior to any laboratory work, 
we sterilized all equipment with a 10% bleach solution. We tested eDNA samples to 
determine which elution (first or second) and which dilution (neat, 1:5, 1:10) would be 
most suitable (Murray et al. 2015). Amplification efficiency was best with the neat 
second elution eDNA extract, suggesting some slight inhibition. We included no 
template controls with all PCR. We amplified eDNA samples using 1x SensiFAST 
SYBR Lo-ROX mix (Meridian Bioscience), 1 µM forward fusion primer, 1 µM reverse 
fusion primer, 1 µL of template, and 3 µL of dH2O. We carried out quantification PCR 
on a QuantStudio 3 Real-Time PCR system (Thermo Fisher Scientific) with an initial 
step at 50°C for 2 minutes, initial denaturing at 95°C for 10 minutes, 40x cycles of 
95°C for 15 seconds followed by 60°C at one minute, and then a melt curve of 95°C for 
15 seconds, 60°C for one minute with a 0.1°C/s ramp speed to 95°C. Sample replicates 
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were test amplified to determine at which cycle they reached plateau, and then again for 
a final amplification according to which cycle they reached plateau. Amplification was 
stopped before plateau during the exponential phase of PCR amplification in order to 
mitigate PCR bias (Deagle et al. 2009). 
 







emtDNA-F 5' CCTTGGTAACTAAACACACC 3' 309 54 
emtDNA-R 5' GATTTAGGACTAATAGGGAGG 3' 
  
 
Following amplification, we confirmed amplification success with gel electrophoresis. 
PCR products from eDNA were pooled according to amplification cycle. We used 
seven pools containing 4 to 14 sample replicates each. We pooled negatives together to 
form an eighth pool and spiked into the final library. We cleaned and size-selected 
these mini-pools using a MagJET NGS Cleanup and Size Selection Kit (Thermo Fisher 
Scientific) according to manufacturer’s instructions and two 85% ethanol washes in a 
1:0.9 ratio of PCR product:beads to select for 300 bp and above. Cleaned products were 
measured for concentration with a QuBit dsDNA High Sensitivity Assay Kit on a Qubit 
2.0 Flurometer (Invitrogen) and run on a QIAxcel Advanced System (Qiagen) using a 
DNA High Resolution Kit (Qiagen) with NGS High Resolution Process Profile to 
determine size and molarity. Mini-pools were then pooled in equimolar ratios. We 
measured the final pool with the Qubit 2.0 Flurometer and QIAxcel Advanced System 
again before submission to Otago Genomics for 2x250 bp MiSeq Illumina paired-end 
sequencing using v3 chemistry and custom read primers FL1-CS1 and FL1-CS2 (Stat et 
al., 2017). 
 
After examining read quality with FastQC 0.11.9, we demultiplexed our dual-indexed 
library using Cutadapt 2.10, excluding indels, with a maximum error rate of 0.15 
(maximum error rate of 15%), and minimum size of 100 bp for each read (Martin 
2011). We merged files after renaming with BBMap 38.81, performed a quality check 
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with MultiQC 1.9, and size selected for a 309 bp length (Ewels et al. 2016; Bushnell et 
al. 2017). Reads were trimmed with Cutadapt 2.10 to a minimum length of 268 bp, the 
amplicon insert size. Samples were then filtered with USEARCH 11.0.667, specifying 
a strict maximum error rate of 0.1 (Edgar 2010, 2017). All samples were then 
dereplicated with USEARCH 11.0.667, specifying a minimum of 10 reads per sequence 
(Edgar 2010, 2017). Demultiplexed reads were denoised with unoise3 to identify real 
haplotypes from noise and USEARCH was used to create an OTU table (Edgar, 2017).  
 
4.2.5 Tissue DNA and eDNA genetic comparison 
 
We compared haplotypes obtained from tissue and eDNA in Warrington to determine if 
eDNA could recover true haplotypic variation. For eDNA, descriptive statistics were 
used to report mean ± standard deviation (SD) for read counts from eDNA samples in 
each location. We mapped the number of eDNA reads for each haplotype by sample. 
The haplotype percentage across all samples, expressed as individuals per total sampled 
population, or haplotype reads per total number of reads for eDNA, was calculated for 
Warrington. This was further visualized as haplotype percentage for tissue and eDNA. 
 
For tissue, a haplotype network was visualized using a median joining network in 
popart (Bandelt et al. 1999; Leigh and Bryant 2015). We also compared our tissue 
haplotypes to previous ATP6-ATP8 tissue haplotypes described haplotypes of Will et 
al. (2009). These previous (historic) haplotypes from across New Zealand were 
obtained from the thesis and truncated (~255 bp on the 5’ end) to align with eDNA 
amplicon haplotypic diversity using Geneious Prime 2021.1.1 
(https://www.geneious.com). The six modern tissue haplotypes were also truncated 
slightly (~17 bp on the 3’ end) to fit truncated historic haplotypes. The six modern, 
representative Warrington haplotypes were added to the historic 131 haplotypes to 
visualize base pair differences using a median-joining network between observed and 
historic diversity in popart. Finally, haplotypes were compared to historical data to 
ensure the haplotypes identified in this study were real and to contexualize our results.  
 
A haplotype accumulation curve given the haplotypic frequencies seen in the tissue 
data was modelled with random sampling for 1,000 permutations in R with the 
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specaccum command in vegan to determine how many tissue samples may have been 
needed to fully acquire all haplotypic variation present at the Warrington site (R Core 
Team 2020; Oksanen et al. 2020).  
 
4.2.6 Warrington and Ohau Point eDNA genetic comparison 
 
We compared eDNA haplotypes from Warrington and Ohau Point. Descriptive 
statistics were used to report mean ± SD for Ohau Point read counts. Warrington and 
Ohau Point haplotype abundances were calculated and visualized by comparing the 




4.3.1 eDNA amplicons obtained 
 
Warrington pāua eDNA amplicons were successfully recovered from 96.3% (n=26/27) 
of replicates. Most Warrington eDNA samples were successfully analyzed: nine 
Warrington samples with three replicates each were recovered except for one sample 
where only two replicates amplified. The Ohau Point sample successfully amplified in 
all seven replicates (n=7/7, 100%). After quality control, there was a mean ± SD of 
18,286 ± 15,400 reads per replicate for all locations. When these reads were 
disaggregated by location, there were 18,465 ± 16,598 reads per replicate and 53,344 ± 
33,963.64 reads per sample (3 replicates, excluding replicate 8.3 which did not yield 
any reads) for Warrington and 17,619 ± 10,783 reads per sample in Ohau Point. 
Negatives had between zero and two reads per replicate and were not carried through 
statistical analyses.  
 
Of the nine Warrington eDNA samples recovered, all yielded multiple haplotypes for 
each sample (Figure 4.4). This held true for the replicates – three replicates for each 
sample were successful, except for sample eight which only yielded two. 19 of 26 
replicates had a minor allele frequency that was at least 10% of the major allele 
frequency for post-processed reads. The most common eDNA haplotype overall 
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(Haplotype 1) was found in all replicates except for one (Sample 10, replicate 1). The 
second most common haplotype overall (Haplotype 2) was found in all replicates, 




Figure 4.4. Bar plots showing the number of reads for each haplotype by sample in 
Warrington, Otago, New Zealand. Each sample is an aggregate of three replicates, 
except for sample eight which is only two replicates due to one replicate having no 
reads after quality control. Haplotype 4 exists as a very thin dark green line at the 
bottom of sample two’s read representation.  
 
4.3.2 Tissue and eDNA comparison 
 
Tissue DNA samples from Warrington yielded six mtDNA haplotypes, and eDNA 
samples reflected the three most abundant (“common”) haplotypes and one rare 
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haplotype. The three common tissue haplotypes, haplotypes 1, 2, and 3, were found at 
frequencies of 35.21%, 50.70%, and 9.86% respectively, and three rare haplotypes, 4, 
5, and 6 were found in just one individual each, amounting to 1.41% of the total 
sampled population for each rare haplotype (Table 4.5). These tissue haplotypes were 
visualized with a median-joining haplotype network (Figure 4.5). These tissue 
haplotypes were also placed in the greater context of previously identified (“historic”) 
tissue haplotypes (Figure 4.6). Because our eDNA amplicon was shorter than 
traditionally amplified haplotypes, multiple previously identified haplotypes matched 
our tissue haplotypes. From Warrington eDNA samples, we recovered the three 
common haplotypes similar to those from the tissue samples (haplotypes 1-3), and one 
rare haplotype—haplotype 4—but did not recover the two other rare haplotypes (5 and 
6) (Figure 4.7). Rare haplotype 4 was only detected with more than five reads in sample 
two, replicate two (737 reads) (Figure 4.5). Haplotype 4 occurred in two other samples, 
but only as 3 reads and as a singleton. Haplotype 4 has three single nucleotide 
polymorphisms (SNPs) to differentiate it from haplotype 1 (Figure 4.5). However, 
when Warrington eDNA samples are bioinformatically analyzed alone (dereplication, 
unoise3 denoising) without the Ohau Point samples, rare haplotype 4 is not recovered. 
Finally, we found concourdance between this study’s haplotypes and previous samples. 
 
Table 4.5. Table of Warrington tissue and eDNA haplotypes represented as percentages 
of all total individuals or sequences across all samples.  
 
Haplotype Tissue eDNA 
Haplotype 1 35.21% 47.99% 
Haplotype 2 50.70% 30.66% 
Haplotype 3 9.86% 21.20% 
Haplotype 4 1.41% 0.15% 
Haplotype 5 1.41% 0.00% 





Figure 4.5. A median-joining network of haplotypes recovered from tissue samples off 
the coast of Warrington, Otago, New Zealand. Ticks indicate the number of base-pair 





Figure 4.6. A median-joining network of haplotypes from present-day Warrington 
tissue representation as well as a count of historical haplotypes from Will et al., 2009. 
Present-day haplotypes are labelled in red. One representative (haplotype 1, 2, 3, 4, 5, 
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and 6) from each modern tissue haplotype was used and each of the 131 sequences 
from Will et al., 2009 were used to build this network. Importantly, size does not 
indicate haplotype abundance; size is a count of how many haplotypes were the same 




Figure 4.7. A comparison of haplotypes found in eDNA and tissue at Warrington. Note 
haplotypes four through six are rarely found in tissue, and only haplotype 4 is 
recovered in the eDNA samples. Haplotype 4 makes up 0.15% of the Warrington 





4.3.3 Tissue haplotype accumulation curve 
 
A tissue haplotype accumulation curve was produced given tissue haplotype 
frequencies for each blackfoot pāua individual sampled, yielding a gently sloping curve 
(Figure 4.8). This graph shows us how many individuals (sequences) need to be 
sampled to obtain a number of haplotypes. While three haplotypes can be obtained 





Figure 4.8. A haplotype accumulation curve based on haplotypes from tissue. 
Sequences sampled on the x-axis is equivalent to individuals sampled as each 
individual has one mtDNA haplotype. Lines indicate confidence interval. 
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4.3.4 Location comparison of eDNA haplotypes 
 
Four pāua haplotypes were found in both Warrington and Ohau Point eDNA 
amplicons. Haplotype 4 was the rarest haplotype but was more abundant in the Ohau 
Point population compared to the Warrington population (Table 4.6). While the relative 
abundances of common eDNA haplotypes 1, 2, and 3 differed between locations, all 
three were the haplotypes common haplotypes found at both sites (Figure 4.9). 
 
Table 4.6. Table of Warrington and Ohau Point eDNA haplotype representation across 
all samples. Representation of haplotypes indicated as percentage of total sequences 
found at each site. 
 
Haplotype Warrington Ohau Point 
Haplotype 1 47.99% 31.89% 
Haplotype 2 30.66% 39.16% 
Haplotype 3 21.20% 23.07% 





Figure 4.9. A comparison of Warrington and Ohau Point eDNA haplotypes. Warrington 
does have a haplotype 4; the number of reads for haplotype 4 was small at Warrington, 
so it is not easily visually represented. 
 
4.4 Discussion  
 
4.4.1 eDNA identifies common haplotypes found in tissue samples 
 
Here, we show that eDNA methods can identify the most abundant haplotypic variation 
present in a population, supporting the use of eDNA population genetics as a broad-
scale monitoring tool. We found three common haplotypes and one rare haplotype for 
pāua with eDNA methods. Our haplotype accumulation curve shows that our eDNA 
sampling scheme (nine samples, three replicates each) detected a comparable amount of 
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genetic diversity to an expected nine traditional tissue samples (Figure 4.8). The gently 
sloping haplotype accumulation curve (Figure 4.8) indicates more sampling may be 
needed to fully capture the rare genetic diversity present in the Warrington population. 
This could be because rare haplotypes are more difficult to sample by random chance. 
Given this tissue-based haplotype accumulation curve, had we taken a fewer tissue 
samples, we would likely have obtained fewer haplotypes (Hale et al. 2012). Most of 
our Warrington eDNA samples show all three common haplotypes, confirming that 
eDNA samples contain a mix of common genetic variation. Other studies have found 
different results for different organisms such as dolphins, where some samples had only 
one haplotype (Parsons et al. 2018). For pāua, this may reflect eDNA from many 
individuals close together on the same rock. Pāua densities may also play a role as a 
large, concentrated population size with high mtDNA genetic diversity is not 
uncommon (Will et al. 2011). However, specific haplotypic abundances and rare 
haplotypes remain mostly obscured, limiting the fine-scale population genetic 
inferences that can be made from eDNA samples at this time. Our study re-emphasizes 
the importance of being able to ground-truth eDNA population genetic data with 
comparable traditionally sampled DNA for the species in question. 
 
One caveat we have is that this is a genus-specific assay because we cannot definitively 
show yellowfoot haplotypes of this target eDNA locus were different than blackfoot 
pāua, despite our eDNA sampling and primer design targeting blackfoot pāua 
specifically. Yellowfoot pāua was much less abundant in number of individuals and 
biomass (likely 1 yellowfoot pāua or fewer per 100 blackfoot pāua, C. Hepburn 
personal obs.) at the Warrington sampling location and undetected at Ohau Point. 
Because yellowfoot pāua did not amplify for our targeted mitochondrial eDNA 
amplicon region and did not map well to the blackfoot pāua genome (3,000 bp of the 
blackfoot pāua mitogenome or less for most (81%, n=11) individuals), there likely are 
genetic differences between blackfoot and yellowfoot pāua mitogenomes which would 
prevent eDNA amplification with our specific eDNA assay. Given these reasons, we 





4.4.2 Haplotypic abundances and rare haplotypes 
 
Our eDNA haplotypic abundance for pāua did not precisely reflect those obtained using 
tissue samples. Based on our previous study (Chapter III), relative haplotype 
abundances can be misrepresented due to low concentration eDNA. Common 
haplotype abundance varies widely between samples. Haplotype 1 was the most 
abundant in eDNA samples despite haplotype 2 being the most common tissue sample. 
Surprisingly, haplotype 3, which was only ~10% of the sampled tissue, was found at a 
higher abundance in the eDNA samples. Stochastic detection of rare haplotypes, at a 
tissue frequency of ~1.5%, suggest our pāua assay was not powerful enough to detect 
rare haplotypes (<2% of the population)—although it seems a population haplotype 
frequency of at least 10% is reliably detectable. False negatives due to abundance 
remains a problem for some species’ eDNA population genetics. For instance, in other 
eDNA studies, it was suspected some rare fish eDNA haplotypes were not identified 
during migration sampling in Japan, although exact tissue-based fish haplotype 
abundance was unknown at the time (Tsuji et al. 2020c). These fish findings contrast 
with other studies which have found mussel haplotypes with eDNA when haplotypes 
were <1% of the population, although sampling occurred with veliger larvae present 
(Marshall and Stepien 2019). Finding the limits of how frequent a haplotype must be in 
a population to be consistently detected using eDNA methods requires further testing in 
multiple different species and environments.  
 
The growing field of eDNA population genetics still faces detection challenges for 
some species like pāua. To use eDNA population genetic information in critical 
management situations will require correctly estimating genetic diversity, and therefore 
filling gaps in our knowledge of how to obtain true diversity is essential (Phillips et al. 
2019). In our study, rare haplotype 4 was likely recovered only because we 
bioinformatically processed all eDNA samples from Warrington and Ohau Point 
together. The rare haplotypes 4-6, found in tissue, might occur in extremely low 
abundance (if at all) in eDNA sequencing reads, but are filtered out bioinformatically 
because they drop below the threshold for PCR and sequencing noise. 
Bioinformatically, it may be difficult to pull out very rare haplotypes due to fuzzy line 
between true rare diversity and PCR or sequencing error. Both signals present as few 
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reads in a small number of replicates. Here, haplotype 4 was considered noise if 
Warrington eDNA samples were analyzed alone, but the addition of Ohau Point eDNA 
samples increased the abundance of rare haplotype 4 in the combined dataset, which 
was able to distinguish this rare eDNA haplotype from the Warrington population. 
While more Warrington sampling could potentially have found this haplotype, a better 
use of resources was sampling different, genetically variable, locations. Our study 
supports the importance of sampling multiple, genetically diverse populations to 
mitigate haplotype loss associated with eDNA sampling and bioinformatic techniques. 
 
4.4.3 Historical comparisons 
 
While our snapshot of eDNA reflecting tissue provides one lens to look at the pāua 
population in Warrington, it is not the full story. Historical samples from 2005-2007 
indicate blackfoot pāua had many private alleles in two mitochondrial markers (COI 
and ATP8-ATP6), with four common haplotypes throughout the south-east coast of the 
South Island of New Zealand (Will 2009). Our own Warrington tissue haplotypes 
reflect similar diversity to blackfoot pāua samples taken over a decade ago (Figure 4.6). 
However, our short amplicon haplotypes match multiple historical haplotypes because 
we use a truncated, and slightly shifted, ATP8-ATP6 amplicon (Table 4.7) (Will 2009). 
Importantly, the three major eDNA and tissue haplotypes identified in this study reflect 
four major historical haplotypes identified a decade ago from the south-east coast of the 
South Island, although no direct comparison exists with Warrington (Will et al., 2011). 
The reflection of both present-day eDNA and tissue on historic population genetic 
haplotypes suggests that pāua genetic diversity retains some of the common haplotypic 
variation after a decade, and can be detected with eDNA methods and adds confidence 
that the haplotypes identified in our study are real.  
 
Table 4.7. Environmental DNA haplotypes from this study compared with haplotypes 
from another thesis (Will 2009). Historical samples were taken 2005-2007 while this 
study took samples in 2019. Our eDNA haplotypes were represented by many different 
haplotypes found in previous studies, due to the short nature of our amplicons. The 
bold haplotypes (8, 10, 17, 18) were distinguished in previous studies as abundant 







(Previous study: see thesis Will 2009) 
Haplotype 1 3, 6, 8, 24, 36, 40, 43, 44, 46, 50, 52, 54, 55, 60, 66, 76, 82, 
86, 92, 93, 97, 104, 105, 109, 122 
Haplotype 2 10, 14 16 18, 21, 22, 23, 61, 65, 68, 69, 71, 72, 73, 74, 81, 90, 
95, 96, 98, 100, 103, 110, 114, 115, 116, 119, 120, 123, 125, 
129 
Haplotype 3 17, 19, 32, 47, 75, 124 
Haplotype 4 11, 12, 25, 28, 94, 99 
Haplotype 5 None 
Haplotype 6 None 
 
We find that our pāua eDNA assay amplifies genetic variation at Ohau Point, although 
we hesitate to compare these eDNA-obtained haplotypes with historic data. Our assay 
detected pāua genetic variation from the environment at Ohau Point, in the Kaikōura 
region, finding the same three common haplotypes detected in Warrington. Tissue-
based genetic pāua research in Kaikōura is ongoing (G. Trauzzi, pers. comm.). Tissue 
collection may also still fail to detect rare haplotypes, just as eDNA methods do. From 
our eDNA samples, we suspect tissue sampling at Ohau Point would yield the 
commonly identified haplotypes 1, 2, and 3 within some individuals, although current 
genetic diversity is unknown since the 2016 Kaikōura earthquake. Historic events, such 
as earthquakes which disturb pāua habitat, need to be considered when choosing eDNA 
sampling sites, and more field testing for this population is required. 
 
4.4.4 Recommendations and future directions 
 
Based on this study, we have some recommendations for eDNA haplotype sampling. 
For eDNA population genetics to become a viable tool in the population genetics 
toolbox, limitations of intraspecific eDNA techniques need further testing. Without 
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such, meaningful comparisons using eDNA methods to improve genetic diversity 
knowledge cannot be achieved. 
 
Most importantly, we recommend ground-truthing eDNA population genetics for each 
target species and sampling based on species biology and environment. Biological 
factors such as hard-shelled animal integument, respiration type and rates, and activity 
levels may affect organismal eDNA shed and capture (Adams et al. 2019a; Allan et al. 
2021). For example, grass shrimp (Palaeomenes sp.) shed less eDNA than nettle jellies 
(Chrysaora sp.) (Allan et al. 2021). We also cannot rule out how filter feeding likely 
increases eDNA output when comparing our study to others (Diggins 2001; Marshall 
and Stepien 2019). Unlike these organisms, pāua do not filter feed, and may release less 
eDNA into the environment. We may have obtained more haplotypes at greater 
abundance if we sampled during spawning, given that eDNA can be easily obtained 
from water column gametes (Bayer et al. 2019). Spawning activities and sexual 
behaviors have previously led to an increase in aqueous eDNA abundance for some 
organisms, but this has yet to be tested for pāua eDNA in a field setting (Spear et al. 
2015; Tillotson et al. 2018; Bayer et al. 2019; Tsuji and Shibata 2021). Abiotic and 
biotic factors also effect the ecology of eDNA itself once shed (Barnes and Turner 
2016). In the dynamic marine environment, eDNA is subject to currents, tides, and 
salinity (Collins et al. 2018) as well as unique microbial communities (Salter et al., 
2018; Chapter II). It is unknown if these factors affect eDNA haplotypes equally (Berg 
and Jørgensen 2006). These factors necessitate species-specific and ecosystem-specific 
tests. 
 
Secondly, we suggest sampling strategy to include multiple, different locations – 
especially if genetically different populations are known. Sampling at different 
locations can help identify rare haplotypes more effectively than taking additional 
samples at one single location. Including samples collected at Ohau Point allowed us to 
find rare haplotype 4 in the Warrington population that otherwise would not have been 
identified. Sampling across sites may also have the added benefit of highlighting major 
haplotypes within a population, perhaps enabling the design of assays that can target 
local adaptations (Flanagan et al. 2018). More studies need to be done comparing 
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number of sampling locations. Ultimately, as our haplotype accumulation curve shows, 
more sampling is generally better. 
 
This baseline data demonstrates a proof-of-concept that eDNA can detect real 
haplotypic variation to some extent, but more work is needed before eDNA methods 
can be successfully employed to monitor populations. Besides documenting diversity 
within a population, managers may be interested in gene flow between populations. 
Adapting an analysis of molecular variance (AMOVA) using haplotype presence at 
multiple sites may be of interest to statistically test this, if enough samples have been 
taken at all target sites (Azarian et al. 2021). Theoretically, haplotype variation could be 
examined to determine presence of population structure based on the distribution of 
genetic variability between individuals and populations (Excoffier et al. 1992). Easy-to-
use bioinformatic and population genetic tools need to be further developed for eDNA 
bulk-individual data. Finally, eDNA technology continues to grow, and mitochondrial 
genomes as well as nuclear molecular markers (microsatellites, SNPs) can now be 
captured from eDNA (Stepien et al. 2019; Jensen et al. 2021; Andres et al. 2021). 
 
4.4.5 Final remarks 
 
Overall, this research adds to the body of growing literature using eDNA methods for 
ascertaining haplotypic variation within populations. We suggest that eDNA is 
currently a broad-scale tool, which readily identifies common haplotypes within a 
population. We found all common haplotypes and one of three rare haplotypes with our 
eDNA methods, compared to tissue sampled on the same day at the sample location, 
confirming eDNA is potentially an effective population genetic sampling tool. 
However, we also note the important lack of detection (allelic drop-out) of rare 
haplotypic diversity and suggest researchers ground-truth what genetic diversity may be 
lost in their own target organisms. This specific assay could be a promising route to 
identifying diversity for other blackfoot pāua populations, but more broadly, eDNA 
population genetic assays seem applicable to multiple populations in similar habitats 
once confirmed effective for one. This study argues multiple sampling locations are 
useful for eDNA population genetic studies, as more varied sampling locations, not 
depth of sampling at a single site, may be important to describing genetic diversity and 
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identifying rare haplotypes – especially genetic variation that is rare at one site, but 
common at another.  
 
4.4.6 Significance to thesis 
 
This study builds from the previous laboratory-based chapter, showing eDNA 
haplotypes can be obtained in a field setting. Haplotypes obtained reflect the genetic 
diversity found in tissue. Since we suspect pāua do not shed much eDNA into the 
water, the inexact haplotype ratios at the scale of ten copies per microliter or less may 
be most appropriate for understanding the eDNA haplotype ratios presented in this 
study (Chapter III). This study emphasizes potential allelic drop-out, or loss of rare 
haplotypes, with eDNA methods. Rare haplotypes of less than two percent frequency 
were not tested by our previous study (Chapter III) because they were not anticipated. 
The 12.5% true haplotypic ratio from Chapter III was similar to the abundance of 
haplotype 3 tissue (about 10% of total Warrington population) from the Warrington 
tissue samples, and this haplotype was indeed found. Thus, we suggest further 
investigation into the limits of detection for haplotypic variation. Results from these 
studies could potentially help further elucidate where genetic drop-off of rare alleles 
and haplotypes occurs which would help quantify how useful eDNA is as a population 
genetics tool. For now, our eDNA population genetics study remains firmly within the 
“presence/absence” realm rather than the “abundance” realm and, in the next chapter, 
we focus more on methods development. Why stop at one amplicon when you could 
get the whole mitogenome? 
 
4.4.7 Contribution to this chapter 
 
CIMA, MK, CH, NJG contributed to the idea conception and study organism choice. 
CIMA and MK secured funding. CH and the CH laboratory helped CIMA sample. 
CIMA processes samples, analyzed the data, and wrote the chapter. HC, NJG, GJJ 
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Gene flow between populations is one mechanism by which species can evolve. 
Understanding population genetic patterns can shed light onto this process, but tissue 
sampling for genetic data can be difficult. Recently, interest has grown in using non-
invasive environmental DNA (eDNA) for identifying genetic variation for use in 
population genetic studies. Here, we provide a proof-of-concept mitochondrial DNA 
(mtDNA) bait-capture study for pāua (Haliotis sp.) and New Zealand fur seals 
(Arctocephalus forsteri) (kekeno). We find baited capture of eDNA recovers up to 99% 
of the fur seal mitogenome, but we were unable to successfully map eDNA sequences 
to pāua. The diversity identified in the fur seal cytochrome b region from our eDNA 
samples matched diversity found in previously identified haplotypes. Some haplotypes 
found using traditional tissue sampling were recovered using eDNA techniques, 
suggesting eDNA methods could become a promising tool for identifying 
mitochondrial variation. We identify key challenges that must be overcome before 




5.1 Introduction  
 
One facet of population genetics describes population connectivity in the broader 
context of species evolution (Lowe and Allendorf 2010). Estimates of genetic 
connectivity can elucidate dispersal patterns of individuals, helping assess gene flow 
and the understanding of how populations persist and adapt (Palumbi 2003; Postma and 
van Noordwijk 2005). Population structures can be assessed by examining genetic 
markers across different populations. Mitochondrial (mtDNA) markers are often chosen 
for this purpose due to their increased copy number, rapid mutation rate (Harrison 
1989; Galtier et al. 2009), and comparability with previous studies (Salis et al. 2016; 
Emami-Khoyi et al. 2018). For these reasons, mtDNA is useful for trace DNA methods 
when only small amounts of DNA may be present, such as ancient material and non-
invasive samples (Janečka et al. 2008; Matisoo-Smith et al. 2016). However, as a 
maternally inherited locus, mtDNA may not fully describe hybridization or 
introgression, nor can it be used to resolve complex phylogenetic trees (Cronin 1993; 
Ballard and Rand 2005; Lapinski et al. 2016). Furthermore, heteroplasmy and nuclear 
mitochondrial DNA (NUMTs) may complicate mtDNA analyses, especially if only a 
short amplicon of mtDNA is used (Haran et al. 2015; Koref et al. 2018; Maude et al. 
2019). Nevertheless, for non-model species, mtDNA markers are an effective and 
practical choice for population genetics, especially if no previous genetic work has 
been conducted and resources are limited. 
 
An increasing amount of environmental DNA studies have obtained intraspecific 
mtDNA diversity, including from molluscs, fishes, and marine mammals (Baker et al. 
2018; Parsons et al. 2018; Marshall and Stepien 2019; Tsuji et al. 2020a; Székely et al. 
2021; Weitemier et al. 2021). These studies have detected between one and 29 
haplotypes per sample (Table 5.1). As we saw from the previous chapter (Chapter IV), 
intraspecific variation can be obtained from pāua (Haliotis iris) eDNA, particularly the 
more common haplotypes. However, relatively little published research has been 
dedicated to capturing whole mitogenomes from eDNA (Deiner et al. 2017b; Jensen et 
al. 2021). Whole mitogenomes yield more single nucleotide polymorphisms (SNPs) 
than mtDNA amplicons while providing more statistical power for phylogenetic 
analyses. Some studies have explored baited capture methods for eDNA (Wilcox et al. 
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2018; Pinfield et al. 2019), and successfully obtained SNP data from mitochondrial and 
nuclear samples of marine megafauna (Jensen et al. 2021). Despite these 




Table 5.1. Studies that analyzed mitochondrial variation from eDNA and compared them to tissue references. 
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Here, we test if whole mitogenomes can be obtained from eDNA samples targeting 
pāua (Haliotis sp.), and New Zealand fur seals/kekeno (Arctocephalus forsteri) using 
capture methods. Despite management interest in both these species, full eDNA 
mitogenomes for both are underutilized in current research. Blackfoot pāua are a taonga 
(treasured) species of Ngāi Tahu, the southern iwi (tribe) of Aotearoa New Zealand. 
Blackfoot pāua declining in abundance (Jackson et al. 2018; Seafood New Zealand 
2020). The fur seal is also a taonga species of Māori peoples, including Ngāi Tahu. 
Historically, fur seal populations were overhunted to about 2% of their original 
population, but they have since repopulated the New Zealand mainland from sub-
Antarctic island refugia (Dussex et al. 2016; Emami-Khoyi et al. 2018). Past work has 
identified mtDNA haplotypes of fur seal across New Zealand from samples taken 
around 1990’s (Salis et al. 2016). In this study, we ask: (1) Can mitogenomes be 
obtained from pāua and fur seal eDNA using bait capture enrichment? (2) Can multiple 
individuals from one species be detected? (3) Is any of the mitogenome genetic 
variation found within eDNA baited capture comparable to previously identified 
genetic variation? Overall, we test the feasibility of eDNA baited capture methods with 
the goal of recovering mtDNA genetic information, including whole mitogenomes, in a 
field setting. 
 
5.2 Methods  
 
5.2.1 Sampling and eDNA extraction 
 
Samples for pāua (Haliotis sp.) (n=9) were collected and extracted as described in 
Chapter IV. Those same eDNA extracts were used in this chapter.  
 
Samples for fur seal (Arctocephalus forsteri) were collected between 26 January 2020 
and 15 February 2020. Sampling sites across the South Island of New Zealand (Figure 
2.1) were chosen based on accessibility, past tissue sampling, and Department of 
Conservation (DOC) recommendations (Supplementary Table 9.1). Sampling points 
within sites were chosen to minimize seal disturbance, often at the edges of seal 
colonies. Ten bleach-sterilized buckets of water were used to collect samples for on-site 
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filtering slightly away from the seal colony. Ten 500 mL water samples were taken 
with a sterivex column from the bucket water, with negative dH2O water samples taken 
before and after sampling. Samples were preserved with 2-3 mL of Longmire’s buffer 
and chilled on ice or in a refrigerator until extraction in the PCR-free eDNA laboratory 
at the University of Otago. Samples were extracted with the Qiagen DNeasy Blood and 
Tissue kit as described in Chapter IV. Samples were amplified with mtDNA control 
region primers (Table 5.2) to determine which samples had eDNA. None of the 
samples collected in Te Oka Bay amplified, so these samples were not carried any 




Figure 5.1. Sampling locations across the South Island of New Zealand. NZ fur seal 
(Arctocephalus forsteri) samples are squares, whereas the triangle denotes the sample 




Table 5.2. Control Region primers for initial screening. 
 
Primer Name Primer (5'-3') bp Tm Reference 
NZFS-CR2-F TTGCCCCATGCATATAAGCATGTACAT 181-226 48 Salis et al., 2016 
NZFS-CR2-R GTTGCTGGTTTCTCGAGGC 
   
  
 
5.2.2 Mitogenome bait-making preparation 
 
For pāua, tissue extract (sample DUN9c, Haliotis iris, previously used in Will et al., 
2011) was amplified with long-range primers (Table 5.3) (Will et al. 2011). Pāua DNA 
extracts were amplified in a 30µL reaction using 1x KAPA LongRange Buffer, 2 mM 
MgCl2, 0.5 µM F primer, 0.5 µM R primer, 0.5 µM dNTPs, 0.1 U KAPA LongRange 
DNA polymerase, and 2 µL of template. Cycling conditions were as follows: initial 
denature of 95°C for 3 minutes (m), 17 cycles of 95°C for 30 seconds (s), 68°C for 30 
s, and 68°C for 6 m with a final extension at 72°C for 10 m. 
 
Table 5.3. Long-range primers for pāua designed for this study. 
 
Primer Name Primer (5'-3') bp Tm 
PauaLR1F CCCGAACAGTTCTTTTGGG 8928 55 
PauaLR1R AACCTTCGGCTTACAAGACC 
  
PauaLR2F GCCCCTCAAAATTAAAACC 8672 55 
PauaLR2R AGTCTCCTAATTAACAGTCAGG 
  




For fur seal from Cook Straight, DNA was extracted from a fur seal flipper clip, which 
was obtained 16 September 2015 (Stovall et al. 2018). Fur seal DNA was amplified 
using long-range primers (Table 5.4). We used a 50 µL reaction to amplify fur seal 
DNA using 1x KAPA LongRange Buffer, 25 mM MgCl2, 10 mM dNTPs, 10mM F 
primer, 10mM R primer, 2.5 U/µL, and 1 µL template. Cycling conditions were as 
follows: initial denature of 95°C for 3 m, 17 cycles of 95°C for 30 s, 68°C for 30 s, and 




Table 5.4. Long-range primers for New Zealand fur seal. 
 
Primer Name Primer (5'-3') bp Tm Reference 
Seal/NZSL_mit_1901F AGGAACTCGGCAAACACAAAC 5149 50 This study 
NZSLwmtR1 GTACGCCATAGAGGTATAAAGGG 
   
AF9-F NZFS-3-F AGTGGGAGGATGAGGAGGAC 4583 
 
Emami-Khoyi et al., 2018 
AF9-R NZFS-3-R GAGGTGTGATTCCTGTGGGG 
   
AF5-F NZFS-4-F ACACCCTCCCCTCTTATCCC 4740 58 Emami-Khoyi et al., 2018 
AF5-R NZFS-4-R ATCGGGGCTGTCCTAGAAGT 
   
AF8-F NZFS-5-F CAGATGCAAATACAGCCGCC 3052 
 
Emami-Khoyi et al., 2018 
AF8-R NZFS-5-R GATAATGCCGGCGATGGGTA 
   
NZFS-LR-CR-F ACCCTAATGACCAACATCCG 4429 55 This study 
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PCR products were purified using a MinElute silica spin column following the 
manufacturer’s protocol. PCR products were then pooled in equimolar ratios, standardized to 
100 µL volumes, and sonicated at 4°C using a Bioruptor Pico (Diagenode, Inc.) for eight 
cycles of 15 s on and 90 s off to achieve fragments under 1000 base pairs (bp). Blunt end 
repair reactions were made with 1x Buffer Tango, 400 µM dNTPs, 1 mM ATP, 0.5 U/µL T4 
PNK, and 0.1 U/µL T4 polymerase and water for a final volume of 20 µL. The reaction was 
incubated at 12°C for 15 m and then 25°C for 15 m. Blunt end repair products were purified 
using a MinElute silica spin column using the manufacturer’s protocol and eluted in 15 µL of 
0.1x TE. The blunt-end eluate was then mixed with 1 µL of biotinylated adapters (Maricic et 
al. 2010). A 16 µL adapter ligation reaction was prepared with 1x T4 ligase buffer, 5% PEG-
4000, and 1 mM T4 ligase. The eluate and adapter ligation reaction were mixed together and 
incubated for an hour at 22°C. The final reaction was eluted in a MinElute column to obtain 
baits. 
 
5.2.3 Library preparation of eDNA 
 
Double-stranded eDNA libraries were prepared for the in-solution hybridization capture 
(Maricic et al. 2010) in a dedicated PCR-free eDNA laboratory at the University of Otago. 
All eDNA samples, including negatives, were first blunt end repaired with 1x Buffer Tango, 
400 µM dNTPs, 1 mM ATP, 0.5 U/µL T4 PNK, 0.1 U/µL T4 polymerase, and 27.6 µL 
eDNA extract. The reaction was then incubated at 12°C for 15 m and 25°C for 15 m. The 
reaction was purified with a Qiagen MinElute column and eluted in 20 µL 0.1x TE + 0.05% 
Tween 20. Next, adapters were ligated; each reaction received 0.5 µL of each Illumina 
compatible adapter, sol_adapt_P5 and sol_adapt_P7-BIO, the latter of which was biotinylated 
at the 5’ end. The samples were mixed with 1X T4 ligase buffer, 5% PEG-4000, 1 mM T4 
ligase in a final reaction volume of 40 µL. A Qiagen MinElute column was used to purify and 
elute products in 25 µL 1x TE using two PE wash steps. Streptavidin-coated magnetic beads 
were prepared for each sample by washing four times with 2x BWT buffer. Beads were 
eluted once in 25 µL of 2x BWT and combined with the adaptor ligated eluate for 15 m at 
room temperature. Unincorporated adapters were removed with 100 µL BW buffer and 
washed 4 times. After the final wash, adapters were filled in with 1x Thermopol buffer 
(NEB), 1 mM dNTPs, and 0.5 U/µL Bst Polymerase (NEB) and incubated at 37°C for 20 m. 
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Beads were washed again twice with 100 µL 1x BWT buffer. Beads were then eluted in 20 
µL 0.1x TE buffer after a 3 m incubation at 95°C. Each library was prepared for qPCR in the 
PCR-free eDNA laboratory to determine amplification plateau using 1x SYBR master mix 
(ThermoFisher Scientific, Inc), 0.5 µL 10mM sol_quant_p5 F primer and sol_quant_P7 R 
primer and 1 µL of template in a final reaction volume of 20 µL. Reactions were run in the 
PCR laboratory on a QuantStudio 3 instrument (Applied Biosystems) for 95°C for 10 m, 40 
cycles of 94°C for 30 s, 58°C for 30 s, 72°C for 60 s, and followed by a 72°C extension step 
for 10 m. Based on this amplification, libraries were double-indexed with sample-specific P5 
and P7 barcoding primers and amplified for an appropriate number of cycles (Supplementary 
Table 9.2 and Supplemental Table 9.3, pāua and fur seals, respectively). qPCR reactions, 1x 
Taq Buffer, 0.5 mM MgCl2, 1 mM dNTPs, 0.2 µM of each P5 and P7 primer, and 3.75 U 
AmpliTaq Gold polymerase (ThermoFisher Scientific, Inc), were set up in the PCR-free 
eDNA laboratory and carried over to the post-PCR laboratory for amplification using a 
SensoQuest Labcycler (Dnature). Seal libraries were diluted using a 1:10 dilution to avoid 
overamplification, except the following samples that required a 1:100 dilution because of 
overamplification: Cape Foulwind (CF) 2, Ohau Point (OHP) 3, OHP5, Sandfly Bay (SFB) 1, 
SFB2, SFB3, SFB5, SFB6, SFB10.  
 
5.2.4 Baited capture of mitogenomes 
 
Immortalized eDNA libraries (libraries amplified with individual indexes) were amplified 
and baits were attached to streptavidin-coated beads for baited capture with slight 
modification (Maricic et al. 2010; Greig et al. 2015). Libraries were amplified in a 50 µL 
reaction using 1x KAPA Buffer, 10 mM dNTPs, 10 mM Sol_amp_p5, 10 mM Sol_amp_p7, 
and 1U KAPA HiFi taq polymerase at 94°C for 5 m, ten cycles of 94°C for 20 s, 55°C for 55 
s, 72°C for 15 s, and an extension step of 72°C for 5 m. PCR products were purified over a 
Qiagen MinElute column according to manufacturer’s instructions but with two PE wash 
steps and eluted into 20 µL of 0.1x TE. To prepare DNA baits, biotinylated adapter-ligated 
bait DNA was added to an equal volume of BWT buffer and denatured for 1 m at 98°C. To 
prepare streptavidin-coated beads, beads were washed once with BWT buffer and once with 
TET buffer. DNA bait was added to beads for 20 m and rotated to allow for binding. 
Unincorporated bait was removed with two washes of 1x BWT buffer at 50°C using a 
magnetic rack. Beads were then resuspended in 50 µL TET buffer. 
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Libraries were then hybridized to beads for enrichment of target eDNA. To each 2 µg 
indexed library, 0.9X Agilent hybridization buffer, 0.9X Agilent blocking agent, and 1.8 µM 
each of eight blocking primers (BO_p5_f(1), BO_p5_r(1), BO_p5_f(2), BO_p5_r(2), 
BO_p7_f(1), BO_p7_r(1), BO_p7_f(2), BO_p7_r(2)) was added. TET buffer was removed 
from the bait-coated beads, and beads were resuspended with the library and blocking primer 
mix. The mix was slowly rotated for two nights at 65°C to capture target DNA. After 
hybridization, beads were washed thrice with 200 µL of BWT, twice with 200 µL of 60°C 
HWT, once with 200 µL of BWT, and then once with 100 µL of TET. Beads were 
resuspended in 15 µL 0.1x TE, and boiled at 95°C for 3 m to detach libraries from the beads. 
Post-capture amplification for each library consisted of 1x KAPA HiFi Buffer (with Mg2+), 
10mM dNTPs, 10 mM Sol_amp_p5, 10mM Sol_amp_p7, 1 U KAPA HiFi DNA polymerase, 
and 15 µL captured library. This was amplified at 94°C for 5 m, twenty cycles of 94°C for 20 
s, 55°C for 55 s, 72°C for 15 s with a final elongation at 72°C for 5 m. The reaction was 
purified over a Qiagen MinElute spin column with two PE wash steps and eluted in 20 µL 
0.1x TE. 
 
Pāua, fur seal, and negative libraries were prepared for sequencing. Captured libraries were 
quantified using a Qubit 2.0 dsDNA High Sensitivity Assay kit on a Qubit 2.0 Fluorometer 
(Invitrogen) and fragment length distribution was analyzed with a QIAxcel Advanced 
(QIAGEN) with a QIAxcel DNA High Resolution kit. All libraries were pooled equimolarly 
and final pooled libraries were quantified again with Qubit and visualized again with a 
QIAxcel. Final pools for pāua and fur seal were diluted to 10 nM and sequenced with one 
lane of either Illumina MiSeq v3 chemistry 2x200 (pāua) or MiSeq v3 chemistry 2x175 (NZ 
fur seal) (Otago Genomics). Negative controls, having been prepared along samples, were 








5.2.5 Bioinformatic processing 
 
5.2.5.1 Confirmation of capture hybridization success 
 
Pāua, fur seal, and negative reads were processed separately to check if any sequences 
mapped to expected mitogenomes. 
 
Pāua samples were demultiplexed by Otago Genomics. Initial files were examined with 
FastQC 0.11.9 and MultiQC 1.9 for quality visualization (Ewels et al. 2016; Andrew 2020). 
Adapters were removed with Cutadapt 2.10 and paired-end quality filtered with 
Trimmomatic 0.39 using a sliding window of 10 basepairs (bp) and minimum quality score of 
20, with a minimum length of 30 bp per read (Martin 2011; Bolger et al. 2014). These reads 
were then examined again with FastQC 0.11.9 to determine quality (Andrew 2020). The 
blackfoot pāua mitogenome (NCBI: NC_031361.1) was indexed as a reference genome using 
BWA 0.7.17 (Li 2013). Quality-filtered samples were then mapped to this genome with 
BWA 0.7.17 and SAMtools 1.10 (Li et al. 2009; Li 2013). PCR duplicates were marked and 
removed with picard 2.21.8 (Broad Institute 2019). BAM files were visualized with Geneious 
Prime 2021.1.1 (https://www.geneious.com). Because very few reads (<6,000 reads) mapped 
to the pāua mitogenome, further analyses were not carried out on this species.  
 
New Zealand fur seal samples were processed as described above except that a fur seal 
mitogenome (NCBI: KT693343) was indexed as a reference mitogenome against which seal 
reads were mapped (Emami-Khoyi et al. 2016). BAM files were visualized with Geneious 
Prime 2021.1.1 to visually confirm mapping success to the fur seal mitogenome. Coverage 
plots were generated using samtools and R 4.0.3 (Li et al. 2009; R Core Team 2020). Sample 
quantification cycle (Cq) and number of successfully mapped reads were compared (Figure 
5.2). The number of sequences mapped to the mitogenome was log-transformed to fit 
assumptions of normality for line-of-fit. 
 
Negatives from both studies were processed as described above, with samples from pāua 
mapped to the pāua mitogenome and samples from the fur seal mapped to the fur seal 
mitogenome (NCBI accession: KT693343). No reads for any negative mapped to the 
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expected study organism or human. Because this amplification is likely non-specific, 
negatives were not carried further in any pipelines and presumed sufficiently clean. 
 
5.2.5.2 New Zealand fur seal sequence analysis 
 
New Zealand fur seal sequences were compared to previously found cytochrome b (cytB) 
haplotypes (bp 14,141-14,782 of KT 693343; 642 bp total). Haplotypes previously identified 
with tissue (tissue haplotypes) (NCBI accession: KU510757 – KU510998) were put through 
DNAcollapser to identify haplotypes (https://users-
birc.au.dk/palle/php/fabox/dnacollapser.php) (Emami-Khoyi et al. 2016). These haplotypes 
aligned in Geneious Prime 2021.1.1 (Geneious Alignment, default options) to identify single 
nucleotide polymorphism (SNP) presence across haplotypes. For comparison with our eDNA 
samples, we only used reads that mapped to the full mitogenome (NCBI accession: 
KT693343 (Emami-Khoyi et al. 2016)). Only samples with more than 5,000 reads mapping 
to the whole mitogenome were selected for cytB haplotype analysis to ensure enough depth 
(Supplementary Table 9.4). Samples were mapped as aforementioned. After mapping, de-
duplicated reads were isolated, Picard 2.21.8 was used to add read groups (Broad Institute 
2019). Variants were called with FreeBayes 1.3.2 using ploidy of two and BCFtools 1.9 
mpileup, skipping indels, with a max depth of 20,000 reads total, and called, allowing for 
multiallelic calling of variant sites only (Li et al. 2009; Garrison and Marth 2012). From 
there, an in-house Jupyter notebook (https://github.com/hughcross/meta_tools) was used to 
compare SNPs in the cytB gene region from previous work with our eDNA sample diversity 
(Salis et al. 2016). This method was developed because at the time of project conception 
there was not yet a published standard method for determining minimum numbers of 
haplotypes/individuals from Illumina-sequenced mitochondrial eDNA genomes. The custom 
notebook first created haplotypes from the Salis et al. (2016) SNP sites, based on alignment 
to the NZ fur seal KT693343 reference mitogenome (Emami-Khoyi et al. 2016). Two major 
clades (A and B), comprising several SNPs, were apparent in the alignment, and were used as 
a starting point to categorize the haplotypes: Haplotypes 1, 2, 3, 4, 5, 6, 7, 11, 12, and 15 
belonged to clade A and haplotypes 8, 9, 10, 13, 14, 16, 17, 18, 19, and 20 belonged to clade 
B (Table 5.5). The notebook then further characterized the haplotypes by defining 
autapomorphies (a SNP found in only a single haplotype) and synapomorphies (a SNP shared 
by multiple haplotypes). The eDNA sample VCF file was then imported into the notebook, 
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and each sample was compared to the Salis et al. (2016) haplotypes. The defined major 
clades, autapomorphies, and synapomorphies were then used to determine which haplotypes 
could be present in each sample (and which were not present). An estimated minimum 
number of haplotypes were obtained based on this information. For example, SNPs in the 
cytB region of sample S2 showed autapomorphies for haplotypes 4, 5, and 11 (all clade A), 
and synapomorphies revealed at least one haplotype from clade B, haplotype 10; therefore, a 
minimum of four haplotypes were called for this samples (Table 5.7). An additional two 
haplotypes from clade A, 1 and 2, could not be distinguished in sample S2 from the other 
haplotypes, so were included as possible, though this did not affect the minimum number. 
Different haplotypes were assumed to be different individuals given that heteroplasmy has 
not yet been documented in NZ fur seal populations.  
 
Table 5.5. The clade of each haplotype found with tissue. 
 
Clade Haplotype Number 
A 1, 2, 3, 4, 5, 6, 7, 11, 12, 15 




5.3.1 mtDNA genomes  
 
We were able to obtain mitogenomic information from fur seal eDNA samples, but not from 
pāua eDNA samples. Few pāua reads mapped to the mitogenome (mean ± sd: 1933 ± 
1336.17 mapped reads, range = 342 – 5776 reads), and those which did map were repeated 
regions in the mitogenome (e.g., Supplementary Figure 9.1). Because repeat regions are 
common in other organisms and no other unique reads matched fully to the pāua 
mitogenome, no reads could be confidently assigned as pāua.  
 
In contrast, target capture for fur seal mtDNA genomes was successful for most samples. The 
qPCR quantification cycle (Cq) values for successfully sequenced fur seal samples were 
plotted against sequences that mapped to the fur seal mitogenome. This plot revealed a small 
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but significant trend showing that the number of mapped sequences declined 0.32 – fold with 
increasing Cq value (F1,25= 6.125, ß= -0.32, R2= 0.16, p< 0.05) (Figure 5.2). Samples 
containing higher concentrations of eDNA were slightly more likely to produce results that 
yielded fur seal eDNA. New Zealand fur seal samples that had >5,000 reads could be 
visualized with Geneious Prime, showing that intra-specific variation was present (e. g. 
Supplementary Figure 9.2, Supplementary Figure 9.3, Supplementary Figure 9.4). Coverage 
varied by sample and location (Table 5.6, Supplementary Figure 9.5). The mean ± standard 
deviation number of reads that mapped to each sample was 9,202.17 ± 12,088.75, with a 
mean ± standard deviation coverage of 91.86 ± 14.76 and mean read depth ± standard 







Figure 5.2. qPCR values compared to number of sequences which mapped to the 
Arctocephalus forsteri mitogenome. The y-axis is log transformed for linear interpretation. 
CF stands for Cape Foulwind, MOE stands for Moeraki Esplanade, OHP stands for Ohau 




Table 5.6. Sequencing statistics of reads that mapped to the NZ fur seal mitogenome (NCBI 
accession: KT693343), by site and total. 
 
Average Number of 




Depth (±St. Dev) 
Cape Foulwind 21,963.89 ± 16,941.58 99.18 ± 2.05 115 ± 92.04 
Moeraki Esplanade 840.44 ± 404.14 73.52 ± 18.80 3.93 ± 2.08 
Ohau Point 11,151.78 ± 6272.15 99.81 ± 0.10 58.04 ± 33.00 
Sandfly Bay 2,852.56 ± 1149.71 94.92 ± 8.68 14.15 ± 5.15 
Total 9,202.17 ± 12,088.75 91.86 ± 14.76 47.87 ± 64.65 
 
5.3.2 mtDNA genetic variation 
 
We estimated how many unique cytB haplotypes could be obtained from each successful fur 
seal sample. Successful samples with sufficient depth for haplotype calling (> 5,000 total 
reads mapping to the fur seal mitogenome, see previous section 5.3.1) were analyzed to 
determine minimum number of haplotypes in the cytB region. Samples from Moeraki 
Esplanade, Te Oka Bay, and Sandfly Bay did not yield enough reads for analysis. From our 
in-house scripts, an estimated minimum number of haplotypes, and haplotypes which 
matched to previously found tissue haplotypes, were obtained for each suitable sample (Table 
5.7). Multiple haplotypes were found for multiple samples (up to four haplotypes per sample, 
mean ± standard deviation: 2.63 ± 1.02), indicating more than one seal’s mitogenome can be 




Table 5.7. Estimated haplotypes per sample. The estimated minimum number of haplotypes 
represents the estimated minimum number of individuals able to be sampled with eDNA 
methods. Twenty haplotypes were possible from previous tissue sampling (Salis et al., 2016). 





Individuals Included Haplotypes 
Other Possible 
Haplotypes 
Cape Foulwind 1 1 11 none 
Cape Foulwind 2 4 4,5,11,10 1,2 
Cape Foulwind 3 3 5,10,11 1,2 
Cape Foulwind 4 2 10,11 1,2 
Cape Foulwind 5 4 4,5,11,10 1,2 
Cape Foulwind 6 1 2 none 
Cape Foulwind 7 3 5,11,10 1,2 
Cape Foulwind 8 3 2,5,11 unclear 
Ohau Point 1 2 10 [1 or 2] 1,2 
Ohau Point 2 2 10 [1 or 2] 1,2 
Ohau Point 3 2 [1 or 2], [8 or 10] 1,2,8,10 
Ohau Point 4 2 6,17 1,2,8,10 
Ohau Point 5 4 6,10,11,15 1,2,7 
Ohau Point 6 3 5,10,11 1,2 
Ohau Point 7 2 10,11 1,2,7 
Ohau Point 8 4 2,10,15,17 1,7 
 
We compared current eDNA-obtained SNP diversity from Cape Foulwind and Ohau Point to 
past genetic variation from tissue samples for the cytB mtDNA marker (Salis et al. 2016). Not 
only could SNP variation be found with eDNA, but there was evidence that the eDNA assay 
recovered the same genetic variation found in tissue (Table 5.8). Some samples had evidence 
of both A and B clades in a single sample (e.g., sample Cape Foulwind 2, sample Ohau Point 
3, Table 5.7). Common eDNA haplotype presence was compared to previously found tissue 
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haplotype presence. Haplotype 10 was previously found at a frequency of 26.86% of fur seal 
tissue samples and is found in 68.75% of our analyzed eDNA samples (Table 5.8, Figure 5.3) 
(Salis et al., 2016). Haplotype 11 was previously found in 9.50% of past fur seal tissue 
samples and was found in 56.25% of our analyzed eDNA samples. Both haplotypes 10 and 
11 have been commonly found throughout New Zealand and are represented at the two 
successful sampling sites, Cape Foulwind and Ohau Point. Haplotypes 15 and 17 had 
previously only been found on the east coast of the South Island of New Zealand with tissue, 
and we only found eDNA evidence of these haplotypes in the east coast Ohau population 
eDNA samples. Finally, ten previously identified tissue haplotypes (with a total frequency < 
15% of the total population) remained undetected with our eDNA samples (Table 5.9).  
 
Table 5.8. Presence of past tissue and current eDNA haplotypes. Past halplotypes include 













Yes Possible Possible 


















10 Yes Yes Yes Yes 
11 Yes Yes Yes Yes 
15 
   
Yes 
17 






Figure 5.3. Haplotypes found with both traditional tissue sampling (Salis et al., 2016) and 
environmental DNA sampling (this study). Note that past tissue samples (n=242) were 
gathered from across New Zealand whereas eDNA samples (n=16) were analyzed from data 
taken only at Cape Foulwind and Ohau Point. Each identification of a haplotype per eDNA 

















Table 5.9. Haplotypes previously identified with tissue by Salis et al. (2016) but not 
identified with our current eDNA methods at either Ohau Point (OHP) or Cape Foulwind 
(CF). Frequency indicates how frequent the haplotype was in the entire population sampled 
across New Zealand (n=242).  
 
Haplotype Frequency Previously found at 
 OHP or CF? 
3 3.31% Yes 
7 1.65% Yes 
9 4.55% Yes 
12 1.24% No 
13 0.41% No 
14 0.83% No 
16 0.83% No 
18 0.41% No 
19 0.41% No 




This study represents an important step towards full mitogenome recovery from eDNA 
samples. While we were unable to recover sequences from pāua baited capture of eDNA 
samples, we successfully recovered mtDNA from fur seal eDNA samples. Pāua samples did 
not yield sequence information despite known eDNA presence (see previous chapter). No 
positive control was included in our study design, meaning the lack of pāua eDNA (false 
negative) could have come from a lack of eDNA abundance or improper bait capture 
(Darling et al. 2021). Prior to submission for sequencing, libraries had an average fragment 
length of 259 bp, indicating lack of total eDNA was not necessarily the problem. Previous 
studies have found false negatives with eDNA capture (Pinfield et al. 2019). Capture 
enrichment techniques perform better with increased amounts of target DNA and increased 
representation of target DNA (Enk et al. 2013). Potentially, there was not enough target 
eDNA in the samples. Pāua may be shedding eDNA at lower rates than fur seal, as biomass 
for each organism may have differed per site (Yates et al. 2019). Interestingly, sites with less 
than 100 fur seals present did not yield sufficient eDNA for analyses (Moeraki Esplanade, Te 
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Oka Bay, Sandfly Bay) indicating a very high number of target organism needed to be 
present for our baited capture (Jensen et al. 2021). Additionally, pāua are only performing gas 
exchange through gills covered by a shell and do not actively filter feed; filter-feeding 
molluscs interact with larger volumes of water during feeding and likely shed more eDNA 
into the environment (Marshall and Stepien 2019; Allan et al. 2021). While initial pāua and 
some seal eDNA capture was unsuccessful, future studies may find better success with these 
organisms as technologies develop and become more sensitive (Baker et al. 2018; Pinfield et 
al. 2019). 
 
We demonstrate a proof-of-concept ability to bait-capture genetically diverse fur seal 
mitogenome sequences from eDNA. For some samples, we generated coverage for almost all 
of the mitogenome (99.9%) with > 50 average read depth. While this is not as deep as other 
eDNA capture mitogenome studies have obtained (e.g., 235x average, although deduplication 
of PCR replicates was not noted (Jensen et al. 2021)), it was sufficient to visualize and 
identify SNP presence (e.g. Supplementary Figure 9.2, Supplementary Figure 9.3, 
Supplementary Figure 9.4). Multiple SNPs across the mitogenome, sometimes indicative of 
both clades, illustrate multiple individuals contributed genetic material to a single eDNA 
sample. The ability to capture sequences of multiple individuals in this study is important. 
Previous studies sampled individual traces of eDNA, e.g., whale footprints (Baker et al. 
2018; Székely et al. 2021), whereas here we do not know which or how many individuals 
contributed to our eDNA samples. Only a low number of haplotypes (<5) were identifiable 
within each eDNA sample, compared to 11 (Ohau Point) and 4 (Cape Foulwind) total 
haplotypes per site that were previously identified with tissue samples. With tissue sampling, 
one haplotype would be identified per one seal. With eDNA sampling, one or more 
haplotypes can be recovered in a single water sample. However, eDNA sampling still 
presents challenges, such as potentially missing rare variation. The work presented here can 
only confirm that multiple seal individuals’ haplotypes can be obtained with eDNA capture 
enrichment methodology in a field setting.  
  
Some of our eDNA haplotypes corresponded to previously identified fur seal haplotypes. 
Only eDNA haplotype presence can be identified; nothing can be said for eDNA haplotype 
abundance and how eDNA relates back to seal biomass. Common tissue haplotypes 2, 10, 
and 11 – previously found throughout the South Island of New Zealand (Salis et al. 2016) – 
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were identified during this eDNA study (Figure 3). Interestingly, haplotypes 15 and 17 had 
previously only been found on the southeast coast of the South Island, and we found them 
only at Ohau Point, on the northeast coast of the South Island (Salis et al. 2016). While a 
more northern distribution of haplotypes may support previous hypotheses of fur seal’s 
northern migration as they recolonize the New Zealand coast (Dussex et al. 2018), our eDNA 
haplotype presence is not enough to fully support this hypothesis.  
 
Importantly, eDNA methods, like other sampling methods, cannot prove absence, it can only 
detect presence (Schmidt et al. 2013). We cannot estimate the absence of any haplotype—
only provide evidence of the present haplotypes seen. We did not identify rare haplotypes 
which had previously been found at Cape Foulwind and Ohau Point, potentially due to not 
sampling representatively throughout the entire seal colonies, the haplotypes not being in a 
high enough concentration to be identified with capture eDNA techniques, or possible 
absence of individuals with those haplotypes. We recovered the two major haplotypes of the 
New Zealand population, but missed rare variation. The undetected haplotypes were rare 
haplotypes in the NZ population (< 15% frequency), and eDNA allelic dropout is a real 
possibility, as seen in previous thesis chapters as well as in other studies (Parsons et al. 2018; 
Marshall and Stepien 2019; Székely et al. 2021, Chapter IV). Because we were unable to take 
representative tissue samples due a lack of field permit and expertise, we cannot yet 
accurately estimate the current diversity of NZ fur seals at each sampling site. Our eDNA 
sampling was also not representative of the whole colony to minimize seal colony 
disturbance, likely biasing our eDNA genetic data to a small portion of seals. The previously 
identified haplotypes were sampled from tissue taken at Ohau Point and Cape Foulwind in 
1991, which is now ~30 years ago (Salis et al. 2016). Given that the average lifespan of NZ 
fur seals is about 12-15 years, haplotypic diversity could have shifted with migration over the 
few (2-3) generations since the previous samples were collected (Dickie and Dawson 2003; 
McKenzie et al. 2007). While nothing can be said about the current seal population genetics 
from the eDNA data presented here, the genetic variation obtained from eDNA likely 







Baited capture of eDNA mitogenomes for population genetics still needs to overcome 
limitations before it can be practically useful. Currently knowledge gaps in sampling, 
bioinformatic, and population genetic statistics remain. With eDNA methods, it is still 
unclear how many individuals can be obtained in one sample for fur seal. Here, we recognize 
four different haplotypes can be obtained in a single sample, representing at least four 
individuals, as one haplotype may represent multiple individuals. It is unknown how many 
individuals make up a single haplotype representation within a sample. Additionally, eDNA 
studies are mostly limited to abundant mtDNA markers for now, and even then false 
negatives are possible (Jensen et al. 2021; Székely et al. 2021). Sensitivity of capture may 
increase over time and with new technology, capturing more diversity while reducing allelic 
drop-out (Yoshitake et al. 2019, 2021). With increased technological sensitivity, as well as 
targeting more genetic markers, more data with higher statistical power can be generated for 
population genetic analyses. 
 
One major difficulty in analyzing eDNA mitogenome data is the lack of a clear, established 
bioinformatic pipeline. On top of biological concerns such as NUMTs and heteroplasmy, 
SNP identification with eDNA methods risk allelic dropout (Fickel and Hohmann 2006; 
Wang and McCord 2011; Haran et al. 2015; Koref et al. 2018, Chapters III and IV). For 
baited capture, noise may present as rare SNPs, especially if sequencing depth is shallow or 
target organism genomes are not well characterized (Bose et al. 2018). Increased sequencing 
depth is recommended for confident calling of SNPs in capture projects. While SNP 
mitogenome data can be visualized for each eDNA sample, currently each separate 
mitogenome within an eDNA sample cannot easily be pulled out from short Illumina reads as 
it is difficult to phase together these pieces. Difficulty phasing haplotypes is especially 
pertinent if large patches of homogeneity are present within a species’ mtDNA, such as 
protein coding regions. Furthermore, partial mitogenomes may be present but undetectable in 
eDNA samples, especially without comprehensive reference mitogenomes. Long-read 
sequencing, such as nanopore MinION, may be one solution, but long template DNA needs 
to be present (Tyler et al. 2018; Loit et al. 2019; Barnes et al. 2021). The lack of sequencing 
technology and established bioinformatic pipelines indicates more technological and 
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computational groundwork must be laid before full mitogenomes can be confidently called 
from a mixed sample.  
 
Baited capture of eDNA may not yet be a useful tool for answering population genomics 
questions, but it will likely grow into one in the next five to ten years. A lot of the 
groundwork for eDNA population genomic statistics is currently being laid for amplicon 
sequencing (Azarian et al. 2021). For example, analysis of molecular variance (AMOVA), 
useful for comparing genetic variation within and between populations, could be possible 
with enough amplicon data across multiple sampling sites (Azarian et al. 2021). However, 
other tools for measuring gene flow and relatedness need to be adapted and updated for 
pooled individual samples and whole eDNA mitogenomes.  
 
Another caveat is that while eDNA capture methods pick up common haplotypes, identifying 
rare haplotypes remains difficult (Székely et al. 2021) (e.g., Chapter IV). If rare genetic 
variation is undetected, it cannot be accounted for or conserved. Technological advances may 
address this, for instance sensitive HaCeD-Seq, a novel method for analyzing eDNA 
amplicons with clustering, and the addition of unique molecular identifiers (UMIs), are more 
likely to pick up rare haplotypes, but more testing is needed to fully understand how this 
technology works across multiple taxa and environments (Yoshitake et al. 2021). Population 
genomics remains an active area of research for the eDNA field, and promising developments 
such as unique molecular identifiers (UMIs) may soon overcome statistical barriers 




From this proof-of-concept study, we have a few recommendations for ensuring eDNA 
mitogenome capture success. First, choose a location with high density and abundance of 
target organism, the greater biomass the better. Sample as much eDNA as possible; likely 
500 mL water samples may be at the lower limit for what is required for eDNA population 
genetic studies. Be aware that haplotypes obtained may only represent the most common 
haplotypes in a population, and that the minimum number of individuals (haplotypic 
variation) may be low per sample (e.g., < 5-10, organism dependent). Sequence to at least 
10x or more depth across the mitogenome to maximize the likelihood of discovering variants. 
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Finally, investigate appropriate bioinformatic and statistical analyses, as not all foundations 
for population genetic statistics on eDNA have been laid. We recommend manually checking 




This study provides a proof-of-concept for identifying mtDNA genetic diversity for another 
marine mammal with eDNA methods while also highlighting some of the challenges facing 
the eDNA field, including data analysis. Future developments and analyses should focus on 
extrapolating full mitogenomes from eDNA, as well as decreasing allelic dropout by 
improving technology sensitivity. Proof-of-concept studies, preferably including tissue 
samples taken concurrently, when possible, should continue to be carried out. As shown here, 
understanding how well eDNA represents traditional sampling, and if it is even possible for 
target species (e.g., pāua) is important for ground-truthing eDNA population genetic 
methods. While eDNA population genomics has not fully been developed yet, there are many 
opportunities for future research and development. 
 
5.4.4 Relevance to thesis 
 
This chapter is at the boundary of our eDNA knowledge. As seen previously in Chapter IV, 
amplicon sequencing from eDNA samples can identify major haplotypes of organismal 
mitogenomes. This chapter expands on haplotypic variation identification by obtaining 
haplotypes with an alternate method, baited capture, which has the potential to capture entire 
mitogenomes. While baited capture has drawbacks, such as a current lack of associated 
bioinformatic pipelines for eDNA data and requiring a lot of target species eDNA, the 
method has potential for future use with further development. Future developments could 
include using baited capture for nuclear SNPs and/or serve as comparison for other methods 
in development (e.g., HaCeD-Seq, single-cell eDNA sequencing). Future research may 
eventually be able to describe evolutionary processes happening within and between 




5.4.5 Contribution to this chapter 
 
CIMA, MK, HT, NJG, GJJ, and Laura Boren came up with the idea and secured funding 
through the Brian Mason Scientific Trust (awarded to CIMA). CIMA secured Department of 
Conservation permits and IARMS animal ethics permissions with help from NJG and HT. 
CIMA and Pascale Lubbe carried out sampling, CIMA analyzed the samples in the 
laboratory. CIMA and HC analyzed the data; HC built the python3 program to identify 
haplotypic variation from eDNA given input haplotypes (cytB). CIMA wrote the chapter, 





Chapter VI: General Discussion and Final Thoughts 
   
Since 2015, environmental DNA (eDNA) methods have solidified as a monitoring technique 
for biodiversity at multiple taxonomic levels. Applications of these genetic tools include 
investigating the impacts of fisheries, detecting invasive and endangered species, and 
tracking seasonal community changes and migration patterns (Klymus et al. 2015; Erickson 
et al. 2017; Thalinger et al. 2019; Takahara et al. 2020; Homel et al. 2020; Jerde 2021; 
Schadewell and Adams 2021). Depending on primer selection, eDNA can target single 
species or multiple taxa for detection and further investigation, (Adams et al. 2019a; Zhang et 
al. 2020). Environmental DNA techniques are non-invasive and show promise for future use 
as genetic databases increase, sequencing costs decline, and more bioinformatic and 
biostatistics pathways are developed (Sanches and Schreier 2020; Marques et al. 2021). The 
eDNA field is maturing, evidenced by recent conversations on how best to define this method 
itself and establishing standardized reporting practices (Nicholson et al. 2020; Loeza-
Quintana et al. 2020; Pawlowski et al. 2020). Growth areas for the field include relating 
eDNA quantity to abundance, linking eDNA with ecology and biology of target organisms, 
implementing eDNA in routine monitoring and conservation, and developing eDNA for 
population genetics (Adams et al. 2019b; Yates et al. 2019; Allan et al. 2021). This thesis is 
aimed at exploring the uses of this technique and how the field can continue to grow in the 
direction of population genetics.  
   
6.1 This thesis’ contributions to the field   
   
In this thesis, I explored the capabilities of eDNA methods to capture genetic variation at 
multiple taxonomic levels, from phylum to population. I began with traditional uses of this 
method for presence detection, determining metazoan biodiversity across the Munida 
transect, a Southern Ocean water mass gradient off coastal Otago, New Zealand. Using 
eDNA metabarcoding at two different time points, I expanded the eDNA-documented 
metazoan biodiversity and identified distinct biological communities across the surface water 
masses. Additionally, I found differences between surface and depth metazoan communities. 
Community differences were likely driven by planktonic species, and not actively swimming 
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species like fish. Overall, this biological community survey provided a snapshot of 
biodiversity during these two time points. 
 
Following the use of eDNA metabarcoding for detecting genus-level diversity, I performed a 
controlled laboratory experiment to model how haplotypic variation from blackfoot pāua 
(Haliotis iris) mitochondrial DNA (mtDNA) could be obtained from mixed samples. I found 
that the unoise3 denoising program could sufficiently distinguish haplotypic amplicons with 
as little as two basepair differences, which models population-level genetic variance (Edgar 
2016). This chapter highlights the role of sample concentration, showing low eDNA 
concentrations may be too stochastic to accurately reflect haplotype abundance. The 
importance of concentration is highlighted again in Chapter V, where a small but significant 
trend of higher concentration correlated with an increased number of mitogenome reads. 
 
Chapter IV showed common, but not rare, pāua mitochondrial haplotypic variation can be 
detected with eDNA. Importantly, I compared eDNA methods and traditional tissue 
collection techniques at the same time to understand how well our non-invasive sampling 
reflected traditional tissue sampling. In addition to finding common haplotypic variation, I 
found that sampling multiple sites can help to detect rare variation. Because allelic drop-out 
occurred for rare genetic diversity with eDNA sampling, I suggest more studies be done 
using this method to determine if allelic drop-out occurs for other species and habitats.  
 
Finally, I attempted to obtain whole mitogenomes from eDNA samples for New Zealand fur 
seals (Arctocephalus forsteri) and pāua using baited capture techniques. While only 
successful for large colonies of fur seals, we showed that whole mitogenome capture is 
possible, and that our non-invasive sampling identified the mtDNA genetic diversity of 
multiple individuals. The mtDNA genetic variation recorded with our eDNA data was 
comparable to past tissue sampling, further indicating this method reflected true population 
genetic variation. The results presented throughout this thesis show the trajectory of eDNA 
methods becoming a viable population genetics tool.  
 
6.2 Is eDNA currently an effective population genetics tool?   
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I argue eDNA techniques are not yet fully ready to be used as a population genetics tool, but 
shows promise if supported by further research and methodological developments. Methods 
which use eDNA still require more testing across different taxa and environments, and robust 
bioinformatic and statistical tests need to be built for answering population-genetics questions 
with this method. However, this thesis provides key insights for the field and, in particular, its 
development as a population genetics tool. I show it is possible to recover haplotype 
frequencies that reflect true genetic diversity, as seen under controlled laboratory conditions 
(Chapter III). Fieldwork demonstrated some of the allelic dropout challenges, such as rare 
haplotype identification and diluted concentrations of eDNA, but our results also 
demonstrated this method’s potential by recovering common mitochondrial genetic variation 
(Chapter IV, Chapter V). For now, I suggest the main application for this technique within 
population genetics will be identifying haplotypic diversity with amplicon assays. These 
assays can be used as an initial foray into identifying the presence of common mitochondrial 
genetic variation and perhaps used to target sites for more intensive, invasive sampling. 
Current population genetic limitations highlighted in this thesis reflect the early days of 
ancient DNA (aDNA) and species-level eDNA techniques. This thesis (Chapter V) and other 
research have demonstrated mitogenomes can be obtained from water samples (Jensen et al. 
2021; Székely et al. 2021). If possible on a broader scale (more species, more sampling sites), 
non-invasively sampled mitogenomes could be an effective population genetics tool for hard-
to-sample species. With further technological development, eDNA population genetic 
analyses may be useful for real-world genetic management.    
   
6.3 eDNA challenges highlighted in this thesis   
   
Several hurdles remain before eDNA methods can be used to answer population-level 
evolutionary questions. One of the largest problems facing this method is the current inability 
to distinguish eDNA from different individuals. While this can be circumvented by sampling 
individual traces, such as a certain individuals’ footprint (soil, snow, or wake), for some 
organisms this will not be possible or practical (e.g., schooling fish) (Baker et al. 2018; 
Franklin et al. 2019; Székely et al. 2021). Furthermore, most eDNA population genetics 
currently remains confined to mtDNA, resulting in indistinguishability between individuals 
such as mothers and offspring with the same mitochondrial genetic signatures. Linked 
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nuclear markers could be a solution to parse out individuals, although genetically identical 
individuals (e.g., twins or clonal organisms) may still present problems. Using allele 
abundance ratios may be inexact, as shown in this thesis (Chapter IV), and the number of 
total individuals captured from eDNA sampling may be unknown, especially those with rare 
genetic signatures. Furthermore, heterozygosity of allelic markers may not be easily 
identified with this method. Individual heterozygosity, which can be used to assess 
inbreeding and selection, may never be able to be obtained from a pool of eDNA unless 
individual cells (e.g., single-cell sequencing, eCells) can be sequenced (Charlesworth and 
Charlesworth 1987; Renaud et al. 2019).    
   
While data from individuals as yet cannot be obtained, population-level analyses can be used 
to characterize how populations are genetically connected and evolving. Tools implemented 
for pooled sequencing (pool-seq) examine diversity at a population level, and are able to 
compare genetic diversity of each subpopulation to total population (FST) and divergence 
between populations by looking at the ratio of polymorphic sites to all captured sites 
(Tajima’s D) (Futschik and Schlötterer 2010; Anand et al. 2016; Dorant et al. 2019). 
However, it is unknown how well eDNA samples will integrate into established pool-seq 
bioinformatic and statistical analyses, as rare alleles may drop out in environmental samples 
due to sampling limitations (i.e. volume of water, sampling scheme) or technological 
limitations (Ryu et al. 2018, Chapter III). Without the ability to link eDNA to existing 
bioinformatic pathways and population genetic statistics, population genetic results from this 
method may not be evaluable or be comparable to past studies (Adams et al. 2019b). For 
effective population genetic use, it may be important to establish method-specific baselines 
and compare population genetic conclusions from eDNA to traditional datasets to ensure 
congruence.   
   
This thesis also highlights the challenge of allelic drop-out within the population genetic 
eDNA context. The loss and variability of rare alleles detected using this technique is seen in 
Chapters III, IV, and V. As yet, I am unaware of efforts to adapt occupancy modelling for 
eDNA population genetic work. Developing such models would help address the likelihood 
of rare allele absence (Mackenzie and Royle 2005; Lahoz-Monfort et al. 2016; Schmelzle and 
Kinziger 2016). Other studies have highlighted the importance of bioinformatic tools to 
define the line between noise and rare genetic diversity, and this is also discussed in Chapter 
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III (Tsuji et al. 2020b; Turon et al. 2020). Increasing development of sensitive bioinformatic 
pipelines coupled with the increased data volume, sensitivity, and declining cost of 
sequencing technologies may also help to generate and filter data. Practically, more testing 
needs to be done in controlled animal and field experiments to understand how to best 
mitigate allelic drop-out without allelic drop-in (i.e. false positive alleles). Rare genetic 
diversity can contribute to a population’s success (Brennan et al. 2019), so identifying rare 
genetic variation with any monitoring method is important for management and 
conservation. The detection of rare genetic diversity must be addressed before eDNA can be 
a practical tool to generate population genetic data for making conservation decisions.  
  
6.4 What’s on the horizon for population genetic eDNA? 
   
I believe marker choice will play a role in future eDNA endeavors. Multiple markers are 
currently being explored for eDNA use, including: mitochondrial, microsatellite, and nuclear 
SNPs (Stepien et al. 2019; Jensen et al. 2021; Székely et al. 2021; Andres et al. 2021). I show 
mitochondrial variation can be obtained with amplification and capture methodologies. Other 
studies have used nuclear microsatellites or SNPs via amplification, targeted baits, or shotgun 
sequencing (Stat et al. 2017; Thompson et al. 2020; Jensen et al. 2021; Székely et al. 2021). 
Likely the fastest way forward for population genetics with this method is through 
mitochondrial amplicon and microsatellite markers, as baited capture of mitogenomes 
(Chapter V) and nuclear SNPs are expensive and shotgun sequencing rarely detects large 
metazoan target organisms (Stat et al. 2017; Székely et al. 2021). Mitochondrial amplicons 
are already well-established for single-species and metabarcoding eDNA studies, requiring 
less methodological reinvention. Microsatellites are single tandem repeat (STR) multi-allelic 
nuclear markers that can be amplified with primers and have already been isolated from 
eDNA (Stepien et al. 2019; Andres et al. 2021). The generally greater variation seen in 
microsatellite alleles as compared to mtDNA haplotypes means that microsatellites offer 
more power to accurately establish a minimum number of individuals. Furthermore, forensic 
statistic infrastructure is already in place for this analysis (Haned 2011; Russell et al. 2019). 
Both mtDNA and microsatellite markers can be targeted with PCR, amplifying target species 
above background non-specific noise. These two markers may be the way forward for now, 
but other technological advancements may drive additional marker usage.    
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For nuclear eDNA, microsatellites may be the immediate way forward, but markers are not 
only limited to STRs. It is already possible to obtain nuclear SNPs (Jensen et al. 2021), 
although piecing together whole genomes still remains a challenge. As demonstrated in 
Chapter V, genome recovery suffers from short-read phasing problems. Longer reads could 
help address this knowledge gap for mitogenome or nuclear genome by providing template 
DNA that shorter reads could map to (Ducluzeau et al. 2018), although eDNA template may 
not easily be enriched for target species depending on library preparation. Longer reads may 
be able to detect structural variants – inversions, duplications, translocations – adding to 
population-level variation that could be explored with environmental samples (Fuentes-Pardo 
and Ruzzante 2017; Wold et al. 2021). Currently, nanopore sequencing has been used to 
identify species via metabarcoding, but has yet to extensively be used for eDNA population 
genetic questions about megafauna (Pomerantz et al. 2018; Jamy et al. 2020). In addition to 
nuclear SNPs and structural variants, whole-genome sequencing (WGS) from environmental 
samples may eventually be possible (Singleton et al. 2021). WGS could potentially provide 
the most comprehensive data for population-level variation. The testing of different 
sequencing technologies for eDNA will help the field gain valuable insight on organismal 
population genetic structure.  
 
Other future developments for eDNA techniques may focus on population characteristics 
rather than strictly measures of diversity for describing gene flow and relatedness between 
populations. For example, markers may be developed for determining population sex ratios 
or targeting genetic regions that indicate disease susceptibility (Stovall et al. 2018; Banes et 
al. 2020). Disease susceptibility assays could be used in conjunction with pathogen-specific 
eDNA assays to determine presence and origin of wildlife pathogens, such as chytrid or 
ranavirus (Vilaça et al. 2020; Barnes et al. 2020). These specific environmental assays could 
potentially aid in the conservation or management of target organisms (DeCandia et al. 
2018). In addition, eDNA methods may be coupled with environmental RNA (eRNA) 
methods to both identify organisms and community gene expression (Cristescu 2019; Yates 
et al. 2021b). Some studies have shown eRNA has a shorter half-life than eDNA, which 
could prove useful for detecting recently present organisms (Marshall et al. 2021). By 
targeting RNA instead of DNA, the field may better be able to understand which genes are 
being expressed by a community, such as active metabolic pathways or greenhouse gas 
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production (Birrer et al. 2019). Evaluating eDNA and eRNA in tandem may be one way to 
answer ecological monitoring questions. 
 
The current goal for population genetic eDNA is to develop non-invasive assays that produce 
similar results to tissue sampling for population-level questions. In the future, this method 
may catch up to current population genomic methods such as using nuclear SNP markers and 
whole-genome sequencing (Fuentes-Pardo and Ruzzante 2017). However, this will require 
further experimentation and technological innovations, especially as population genetic 
methods themselves continue to develop.  
 
6.5 Beyond immediate developments  
 
Within eDNA population genetics itself, many research niches remain to be filled. Epigenetic 
DNA markers have been considered for eDNA studies, but have yet to be explored 
(Schadewell and Adams 2021). These heritable markers (e.g. methylation) could aid in 
describing relatedness, age, indicate heritable markers of stress, as well as potentially 
identifying differentially expressed genes (in addition to aforementioned eRNA methods) 
(Slatkin 2009; Eirin-Lopez and Putnam 2019; Lin et al. 2019). Environmental DNA methods 
alone cannot currently identify differential gene expression, nor can they identify aging or 
other markers of stress (Pochon et al. 2017; Cristescu 2019; Marshall et al. 2021). 
Developing epi-eDNA methods would be beneficial for assessing health within populations 
(Schadewell and Adams 2021). However, epi-eDNA likely remains difficult to develop due 
to specific methylation patterns of different cell types, e. g. gut vs gill, and eDNA’s capture 
of multiple cell per sample (Smallwood et al. 2014). While no known proof-of-concept epi-
eDNA studies have been conducted, this is an exciting area of future research to be explored.  
   
Intraspecific eDNA presents new pathways for exploring and testing community genetics and 
potentially community evolution. With eDNA metabarcoding, it may be possible to 
investigate not only how microbial population traits change across time and space (Allen and 
Banfield 2005; VanInsberghe et al. 2020), but also snapshot intraspecific genetic changes 
across many different metazoan animals (Elbrecht et al. 2018; Weitemier et al. 2021). 
Metabarcoding allows us to assess common intraspecific genetic variation for multiple 
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species in a single assay, revolutionizing the ways the field can look at community genetics 
(Elbrecht et al. 2018; Turon et al. 2020). Intraspecific eDNA metabarcoding could lend great 
strength to testing how whole biological communities undergo selection (Antonovics 2003; 
Whitham et al. 2003; Wilson and Swenson 2003; Allen and Banfield 2005; Wimp et al. 
2019). These expansions of non-invasive genetic sampling may be able to tell us how 
interconnected multiple species are and how gene flow affects community evolution with a 
few assays (Lenormand 2002). Ultimately, this technique could help to define causes of 
population genetic structure across multiple communities and explain how population genetic 
structure between species within a biological community are linked.  
 
6.6 Conclusion – “more” is necessary, and not simply “more” 
 
Establishing eDNA methods for population genetic analyses will take time, money, and 
innovation. Many research pathways called for in this thesis advocate for more testing, more 
sequencing, and more data. I re-emphasize that, despite promising results across populations 
for certain target organisms, more testing is necessary to verify our conclusions. A greater 
diversity of species and environments need to be examined, as intraspecific genetic diversity 
may differ between species across different substrates. Chapter II highlights that different 
seasons need to be studied, even for the same target organisms across the same transect. More 
studies are needed that compare how well eDNA population genetic data reflects tissue 
sampling data. The challenges of mitigating allelic drop-out need to be overcome before 
population genetic abundance data can considered, otherwise the occurrence and rarity of rare 
genetic diversity may be miscalcualted. Chapters III and IV highlight how rare diversity may 
be lost. Furthermore, in Chapter V, sufficient depth is needed for environmental samples to 
properly identify SNP variation and identify SNP allele frequency. Separating real variation 
from noise likely requires increased sequencing depth for environmental samples and, as cost 
continues to decline, may become more feasible. More types of sequencing may also help to 
string together shorter sequences and phase together whole genomes while also providing 
information on structural variation. More data and more studies would enable the discovery 
and validation of eDNA population genetic results, which could lead to more accurate 
conclusions about this method’s potential as a population genetics tool. More data are 
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necessary because they allow for the progression of eDNA population genetic method 
development, not simply for the sake of acquiring more data.  
 
While eDNA methods will likely never completely replace tissue sampling because of the 
inability to obtain hormones, isotopes, or identify individuals’ diseased states, this technique 
has potential to become a common non-invasive genetic sampling technique for population 
genetic information. Environmental DNA methods have grown exponentially in the past ten 
years, and the range of questions the field can answer with these methods continues to 
expand. This thesis shows how eDNA population genetic techniques can be developed for 
species of management and conservation interest. While there are challenges to be addressed 
before eDNA methods can be used effectively for population genetic management and 
conservation, this promising technique is well on its way to becoming a regularly used tool in 
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Supplementary Figure 8.1. Clustering results assuming a priori four clusters for each water 
type: neritic, sub-tropical, sub-tropical front, and sub-Antarctic waters for 2 February 2017. 
Clustering is based off of salinity (PSU) and temperature (°C) and mapped by how far each 
salinity/temperature point is from Taiaroa head (km). Red indicates neritic water, yellow 
indicates sub-tropical water, green indicates the Sub-tropical Front, and blue indicates sub-





Supplementary Figure 8.2. Clustering results assuming a priori four clusters for each water 
type: neritic, sub-tropical, sub-tropical front, and sub-Antarctic waters for 23 February 2017. 
Clustering is based off of salinity (PSU) and temperature (°C) and mapped by how far each 
salinity/temperature point is from Taiaroa head (km). Red indicates neritic water, yellow 
indicates sub-tropical water, green indicates the Sub-tropical Front, and blue indicates sub-
Antarctic water types. Because the delineation between neritic and subtropical waters were 











2 February 2017 23 February 2017 
Neritic SubTropical Front SubAntarctic Depth Neritic Mixed Front SubAntarctic Depth 
Chlorophyta Present Present Present Present Present Present Present Present Present Present 
Arthropoda Present Present Present Present Present Present Present Present Present Present 
Haptista Present Present Present Present Present Present Present Present Present 0 
Bacillariophyta Present Present Present Present Present Present Present Present Present Present 
Proteobacteria Present Present Present Present Present Present Present Present Present Present 
Chordata Present Present Present Present Present Present Present Present Present Present 
Cnidaria 0 0 0 Present Present 0 0 0 0 Present 
Rotifera Present Present Present Present 0 0 Present 0 0 0 
Basidiomycota 0 Present 0 Present 0 Present Present Present Present 0 
Bryozoa Present Present Present Present 0 0 Present Present Present 0 




Supplementary Table 8.2. Presence of organisms identified to the genus-level from the database; disaggregated by water mass and date. In some cases, 
species is also indicated. 
 
Genus or species identified 
from database 
2 February 2017 23 February 2017 
Neritic Sub-Tropical Front SubAntarctic Depth Neritic Mixed Front SubAntarctic Depth 
Bathycoccus prasinos Present Present Present Present Present Present Present Present Present Present 
Micromonas pusilla Present Present Present Present 0 Present Present Present Present Present 
Oithona similis Present Present Present Present 0 Present Present Present Present 0 
Pycnococcus provasolii Present Present Present Present 0 Present Present Present Present Present 
Emiliania huxleyi Present Present Present Present Present Present Present Present Present 0 
Obtusoecia antarctica 0 0 0 0 Present 0 0 0 0 0 
Chloroparvula pacifica Present Present Present Present Present Present Present Present Present Present 
Minutocellus polymorphus Present Present Present Present 0 Present Present Present Present Present 
Dictyocha speculum Present Present Present Present 0 Present Present Present Present Present 
Pseudochattonella farcimen Present Present Present Present 0 Present Present Present Present 0 
Phaeocystis antarctica Present Present Present Present 0 Present Present Present Present 0 
Stephanodiscus sp. Present Present Present Present Present Present Present Present Present 0 
Alexandrium sp. Present Present Present Present Present 0 Present Present Present 0 
Ctenocalanus citer 0 Present Present Present Present 0 Present Present Present 0 
Heterocapsa sp. Present Present Present Present 0 Present Present Present Present Present 
Paracalanus sp.  Present Present Present 0 0 Present Present 0 0 0 
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Ascidia ahodori Present Present 0 Present 0 Present Present Present Present 0 
Skeletonema sp. Present Present Present Present 0 Present Present Present Present 0 
Hematodinium sp. Present Present Present Present Present 0 Present Present Present Present 
Gymnodinium sp. Present 0 0 0 Present 0 Present 0 0 Present 
Teleaulax amphioxeia Present Present Present Present Present Present Present 0 0 Present 
Sphaeronectes gracilis 0 0 0 0 0 0 0 0 0 Present 
Pseudo-nitzschia bipertita Present Present Present Present 0 Present Present Present Present Present 
Dolichomastix tenuilepis Present Present Present Present 0 Present Present Present Present 0 
Lepidodinium chlorophorum 0 Present Present Present Present 0 Present Present Present Present 
Clausocalanus ingens Present Present Present 0 0 0 Present Present 0 0 
Calanus australis Present Present 0 0 0 0 Present 0 0 0 
Asterionellopsis guyunusae 0 Present 0 0 0 0 Present 0 0 0 
Phacellophora camtschatica 0 0 0 Present Present 0 0 0 0 0 
Scrippsiella sp. Present Present Present Present 0 0 Present Present Present 0 
Prorocentrum micans Present Present Present Present Present Present Present Present Present 0 
Gonyaulax sp. 0 Present Present Present 0 0 Present Present Present 0 
Euphausia lucens 0 Present 0 Present 0 0 0 0 0 0 
Cymbomonas tetramitiformis Present Present 0 0 0 Present Present 0 0 0 
alpha proteobacterium HIMB5 Present Present Present Present Present Present Present Present Present 0 
Rhodospirillaceae bacterium Present Present 0 0 0 0 Present 0 0 0 
Chaetoceros sp. Present Present 0 0 0 0 Present Present Present 0 
Candidatus Pelagibacter sp.  Present Present Present Present Present Present Present Present Present Present 
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Cylindrotheca closterium 0 Present Present Present 0 0 0 Present Present 0 
Solmissus marshalli 0 0 0 0 0 0 0 0 0 Present 
Acartia jilletti Present Present 0 0 0 0 0 0 0 0 
Mantoniella squamata Present 0 0 0 0 Present Present 0 0 0 
Woloszynskia sp. 0 Present Present Present Present 0 Present Present Present 0 
Gephyrocapsa oceanica Present Present 0 0 0 0 Present 0 0 0 
Protoperidinium cf. depressum Present Present Present Present Present 0 Present Present Present 0 
Calanoides macrocarinatus 0 Present 0 0 0 0 0 0 0 0 
Cyclotella cryptica Present Present 0 0 0 0 Present 0 0 0 
Neoparamoeba longipodia 0 Present Present Present 0 0 0 0 0 0 
Karenia sp. 0 Present 0 Present 0 0 Present Present Present Present 
Euphausia lucens Present Present Present Present 0 0 Present Present Present 0 
Thysanoessa gregaria Present Present Present Present Present Present Present Present Present 0 
Nyctiphanes australis Present Present 0 0 Present Present Present 0 0 0 
Heterosquilla tricarinata 0 0 0 0 0 Present Present 0 0 0 
Austrominius modestus Present 0 Present 0 0 0 Present Present 0 0 
Lepas australis 0 0 0 0 0 0 Present Present 0 0 
Schizophroida hilensis 0 0 0 0 0 0 0 Present 0 0 
Shelfordella lateralis 0 Present 0 0 0 0 0 0 0 0 
Arachnopusia unicornis 0 Present 0 0 0 0 0 0 0 0 
Allothunnus fallai  Present Present Present Present Present 0 Present 0 0 0 
Thyrsites atun  Present Present 0 Present Present Present Present 0 0 0 
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Protomyctophum sp. 0 0 Present 0 Present 0 0 0 0 Present 
Mola mola 0 0 0 0 0 0 0 Present 0 0 
Leuroglossus schmidti 0 0 0 Present Present 0 Present 0 Present 0 
Rhadinesthes decimus  0 0 0 0 0 0 0 0 0 Present 
Brama australis  0 0 0 Present Present 0 Present 0 0 0 
Helicolenus sp. 0 0 0 0 0 0 Present 0 Present 0 
Notolabrus fucicola Present 0 0 0 Present 0 0 0 0 0 
Pseudophycis barbata 0 0 Present 0 0 0 Present 0 0 0 
Trachurus japonicus Present 0 0 0 0 0 0 0 0 0 
Sprattus antipodum Present 0 0 0 0 0 0 0 0 0 
Gnathophis bathytopos Present Present Present 0 0 0 0 0 0 0 
Seriolella brama 0 Present Present 0 0 0 0 0 0 0 
Lampanyctodes hectoris 0 Present 0 Present Present 0 Present 0 0 0 
Forsterygion lapillum Present Present 0 0 Present 0 0 0 0 0 
Parapercis allporti 0 Present 0 0 0 0 0 0 0 0 
Lamna nasus 0 0 0 Present 0 0 0 0 0 0 








Supplementary Figure 8.3. Levels of nitrate (mmol/m3) across the Munida Transect. Stations 
are measured as a function of distance from Taiaroa Head (km) and do not necessarily 






Supplementary Figure 8.4 Levels of chlorophyll a (mg/m3) across the Munida Transect. 
Stations are measured as a function of distance from Taiaroa Head (km) and do not 




Appendix II: Supplementary Figures and Tables 
for Chapter V 
 
Supplementary Table 9.1. Geolocation of New Zealand fur seal sampling. Ten samples (and 
two negatives) were taken at each site. 
 
Location Latitude Longitude 
Moeraki Esplanade -45.35590391 170.8568217 
Te Oka Bay -43.849829 172.78317 
Cape Foulwind -41.763892 171.456269 
Ohau Point -42.2416304 173.8375148 






Supplementary Table 9.2. Pāua sample amplification cycles. All samples were taken from the Warrington, Otago New Zealand field site. 
 
Cycles Sample                         
12 8.3                           
16 1.1 1.3 5.2 8.3 9.1 9.2 9.3 10.1 10.2 11.1 11.2 11.3 
  
18 10.3                           
22 1.2 2.2 2.3 3.1 3.3 4.1 4.2 5.1 6.1 6.2 6.3 7.1 7.2 8.2 
25 2.1 3.2 4.3 5.3 7.3 
         
 
Supplemental Table 9.3. NZ fur seal sample amplification cycles. CF = Cape Foulwind, MOE = Moeraki Esplanade, OHP = Ohau Point, SFB = 
Sandfly Bay 
 
Cycles Sample                                 
16 CF1 SFB4 SFB7 SFB8 SFB9 
            
18 CF3 CF5 CF6 CF6 CF7 CF8 CF9 OHP1 OHP2 OHP4 OHP7 OHP8 OHP10 
    
20 CF2 MOE1 MOE2 MOE4 MOE5 MOE6 MOE7 MOE8 MOE9 OHP3 OHP5 OHP6 SFB1 SFB3 SFB5 SFB6 SFB10 
22 CF4 CF10 MOE3 MOE10 OHP9 SFB2 





Supplementary Table 9.4. Samples used for cytochrome b analysis with the number of 
sequences which mapped to the reference genome. 
 
Samples used Name # of sequences mapped to KT693343 
S1 Cape Foulwind 1 15,480 
S2 Cape Foulwind 2 31,277 
S3 Cape Foulwind 3 22,749 
S4 Cape Foulwind 4 7,601 
S5 Cape Foulwind 5 32,086 
S6 Cape Foulwind 6 56,654 
S7 Cape Foulwind 7 6,953 
S8 Cape Foulwind 8 23,576 
S21 Ohau Point 1 15,300 
S22 Ohau Point 2 8,091 
S23 Ohau Point 3 20,775 
S24 Ohau Point 4 5,731 
S25 Ohau Point 5 17,035 
S26 Ohau Point 6 15,820 
S27 Ohau Point 7 9,434 







Supplementary Figure 9.1. Pāua sample 26. This sample had the most reads, 5,775 
reads, map to reference NC 031361.1. Most reads only mapped to the repeated regions 





Supplementary Figure 9.2. Sample 24 (Moeraki Esplanade sample 4), 5,731 reads 
mapped to the full mitochondrial genome KT 693343. Reads from bp 14,100 to 14,780 
shown, cytochrome b coding region. Mapped reads show variation in color from the 






Supplementary Figure 9.3. Sample 21, Moeraki Esplanade sample 1, 15,299 reads 
mapped to the full mitochondrial genome KT 693343. Reads from bp 14,100 to 14,700 
shown, cytochrome b coding region. Mapped reads show variation in color from the 





Supplementary Figure 9.4. Sample 2, Cape Foulwind sample 2, 31,277 reads mapped to 
the full mitochondrial genome KT 693343. Reads from bp 13,500 to 15,100 shown, 
cytochrome b coding region. Mapped reads show variation in color from the reference 
mitogenome, indicating SNP variation. 
 
 
Supplementary Figure 9.5. Coverage plots of all samples. 
 















Sample 1. Coverage percent 99.8%, average depth 84.7 read depth. 
 
 
Sample 2. Coverage percent 99.9%, average depth 159.8 read depth. 
 
 
Sample 3. Coverage plot 99.9%, average depth 114.6 read depth. 
 
 
Sample 4. Coverage percent 99.9%, average 42.3 read depth. 
 

















































Sample 7. Coverage percent 99.9%, average 34.4 read depth. 
 








































Sample 8. Coverage percent 99.8%, average 115.1 read depth. 
 
 





Sample 11. Coverage percent 91.6%, average 5.4 read depth. 
 

















































Sample 14. Coverage percent 82.4%, average 4.1 read depth. 
 
 












































Sample 16. Coverage percent 93.1%, average 6.4 read depth. 
 
 
Sample 17. Coverage percent 48.9%, average 1.4 read depth. 
 


















































Sample 21. Coverage percent 99.8%, average 77.5 read depth. 
 
 













































Sample 23. Coverage percent 99.9%, average 111.2 read depth. 
 
Sample 24. Coverage percent 99.8%, average 30 read depth. 












































Sample 25. Coverage percent 99.9%, average 114.6 read depth. 
 
Sample 26. Coverage percent 99.9%, average 88.9 read depth. 
 
Sample 27. Coverage percent 99.8%, average 47.1 read depth. 










































Sample 28. Coverage percent 99.8%, average 32.2 read depth. 
 
Sample 29. Coverage percent 99.6%, average 12 read depth. 
 
 
Sample 31. Coverage percent 85.3%, average 5.5 read depth. 
















































Sample 33. Coverage percent 99.7%, average 19.2 read depth. 
 
Sample 34. Coverage percent 98.8%, average 19.7 read depth. 
 










































Sample 35. Coverage percent 99.5%, average 15.4 read depth. 
 
Sample 36. Coverage percent 99.7%, average 14.9 read depth. 
 
Sample 37. Coverage percent 99.6%, average 15.3 read depth. 












































Sample 38. Coverage percent 99.5%, average 19.2 read depth. 
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